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Nasal administration of gonadotropin
releasing hormone (GnRH) elicits sperm
production in Fowler’s toads (Anaxyrus
fowleri)
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Abstract

Background: Declining amphibian populations around the world necessitate the establishment of captive assurance
colonies as a hedge against extinction. For species that are difficult to breed in captivity, assisted reproductive
techniques, such as treatment with exogenous hormones, are necessary for successful reproduction. The purpose of
this study was to determine whether intranasal administration of a gonadotropin releasing hormone analog (GnRHa)
elicits sperm production in anurans.

Methods: Male Anaxyrus fowleri (n = 15/trt) were nasally administered GnRHa (1, 5, 10, and 20 μg) in phosphate
buffered saline (PBS) using a pipette. Spermic urine was collected from animals over an 8 h period. Samples were
assessed for sperm presence, motility, and concentration.

Results: Treatment of male toads with a PBS control and 1 μg of GnRHa did not elicit sperm production. Nasal
administration of GnRHa resulted in sperm production from 60, 93, and 80% of males in the 5, 10, and 20 μg treatment
groups, respectively. Sperm motilities averaged 70, 63, and 52% within the 5, 10, and 20 μg treatment groups,
respectively, with the highest (p < 0.05) sperm motility observed using 5 μg of GnRHa. Significantly higher sperm
concentrations were observed in males treated with 10 μg of GnRHa compared with 5 or 20 μg of GnRHa.

Conclusion: Nasal administration of GnRHa was successful in eliciting spermiation from male Anaxyrus fowleri, which
typically began less than 3 h after treatment. Nasal administration of GnRHa may provide a novel non-invasive method
of hormone delivery for at-risk amphibian species that have low reproductive output.

Keywords: Amphibian, Toad, Captive-breeding, Hormones, Sperm, Reproduction

Background
Like most vertebrates, the neuroendocrine hormone go-
nadotropin releasing hormone (GnRH) in amphibians me-
diates gamete production through the hypothalamic-
pituitary-gonadal (HPG) axis. Upon onset of favorable en-
vironmental conditions, GnRH is released by the hypothal-
amus to stimulate the anterior pituitary, which then
secretes the gonadotropins luteinizing hormone (LH) and

follicle-stimulating hormone (FSH). These gonadotropins
then travel through the bloodstream to the gonads, where
they mediate steroid hormone synthesis and gametogenesis
[1–3]. Exogenous GnRH treatment has become a powerful
tool in stimulating gamete production from a variety of spe-
cies. For example, GnRH receptor agonists have been suc-
cessful in inducing spawning for commercial fish farming
in species such as snook [4] and bream [5]. In amphibians,
GnRH has been found to cause upregulation of GnRH re-
ceptors [6], increased production and release of sperm in
males [3, 7, 8], and follicular development and ovulation in
females [9]. Uteshev et al. [10] found that the effects of ex-
ogenous GnRH on amphibian spermiation was similar to
that found using pituitary extract, leading to the theory that
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exogenous GnRH stimulates a natural gonadotropin-release
cascade.
The successful stimulation of reproductive behaviors

and physiological processes in amphibians by exogenous
GnRH has led to extensive use of the hormone as a tool
for assisted breeding of threatened and endangered spe-
cies. This is especially the case for species with poor re-
productive output where sustainability of the captive
collection is at risk. For successful breeding in many am-
phibians, abiotic and biotic cues are necessary triggers for
reproduction and include changes in photoperiod, baro-
metric pressure, humidity, temperature, or food availabil-
ity, which are sometimes difficult to mimic in a captive
environment. Although some threatened amphibian spe-
cies breed well in captivity (e.g. Panamanian golden frogs,
V. Poole, pers. comm.), a large number of captive breeding
programs utilize assisted reproductive technologies
(ART), such as hormone therapy using GnRH or other ex-
ogenous reproductive hormones, to produce animals
needed for reintroduction and recovery programs [3, 11].
At present, the most common method of GnRH adminis-

tration in amphibian ART is an injection near the gonads
into the peritoneal cavity [3, 12] or subcutaneously [13].
While intraperitoneal (IP) injections of GnRH and its ago-
nists are known to cause sperm production, there is still
some question as to the degree that the hormone acts dir-
ectly at the level of the testis or indirectly through the an-
terior pituitary by initiating the endogenous cascade of LH
or FSH. Receptors for GnRH in anurans are distributed
throughout the body, most notably within the brain, anter-
ior pituitary [14–16], and the gonads [17]. Within the brain
and pituitary, there are multiple GnRH receptor types cor-
responding to multiple GnRH isoforms. The physiological
effects of GnRH are thought to be mediated by the location
of its receptors as well as the form of the GnRH [18]. Fer-
nald and White [19] determined that anurans express at
least two isoforms: GnRH 1 and 2, which are secreted by
various GnRH neurons distributed throughout parts of the
brain such as the hypothalamus, midbrain, and limbic
areas; their release is mediated by environmental cues such
as light or moisture [15, 20]. Isoform GnRH 1 mediates
hypophyseal function, while the precise function of GnRH
2 remains poorly understood [3, 21].
Exogenous substances administered into the nares of

an animal can enter the cranial cavity or reach the pitu-
itary by passive diffusion across the olfactory mucosa
through gaps between nerves and into the subarachnoid
space and cerebrospinal fluid [22]. From here, possible
diffusion into the ventricular or perivascular spaces
could circulate the administered substances to various
areas of the brain, or around the blood brain barrier to
reach the pituitary [23, 24]. In rats, olfactory sensory
neuron dendrites are exposed in the nasal passage, and
their axons project through the cribriform plate to the

olfactory bulb, thus providing a pathway from the exter-
nal environment directly into the central nervous system
[25]. Substances can also actively bind to olfactory re-
ceptors and be transported along or within neurons [26,
27]. Within the nasal cavity of amphibians and fish there
are both ciliated sensory and non-sensory neurons that
extend to the internal nares and onto the olfactory bulb,
wherein GnRH receptors are located [22, 28]. For ex-
ample, in tiger salamanders, GnRH agonists have been
found to bind in the epithelium of the nasal cavity and the
vomeronasal organ [29]. Indeed, various studies have
found that large concentrations of exogenous substances
administered nasally bind at the level of the olfactory bulb
[23, 24]. However, exogenous substances administered
through the nares may also work their way into the throat
and could be swallowed; thus, entering the bloodstream
via a different route. Hence, multiple intracellular and
extracellular pathways from the vertebrate nasal cavity
into the cranial cavity, cerebrospinal fluid, or bloodstream
are present whereby exogenous hormones could rapidly
reach the anterior pituitary, or even bypass the
blood-brain barrier and reach other areas of the brain (e.g.
hypothalamus) that contain GnRH receptors [25].
In this study, we hypothesized that small concentra-

tions of nasally-administered GnRH would be successful
in eliciting spermiation in male Fowler’s toads (Anaxyrus
fowleri), a common model species, due to the close
proximity of nasal entry routes to neuroendocrine path-
ways mediating gamete production and development. To
test this hypothesis, we administered four different con-
centrations of a GnRH agonist intranasally and moni-
tored quantity and quality of sperm produced over 8 h,
compared to controls.

Results
Treatment with 1 μg of GnRHa did not elicit sperm pro-
duction in any male and was therefore not included in
further analyses of treatments. In addition, control
males, administered phosphate-buffered saline (PBS), did
not produce sperm, nor were any animals producing
sperm prior to hormone administration at T0. The aver-
age sample volume (mL), sperm concentration (sperm/
mL), total sperm, percent motility (M), percent forward
progresssive motility (FPM), and total motile sperm of
each treatment group across all time points is summa-
rized in Table 1.

Number of responders and latency to sperm production
Figure 1 shows the percentage of males responding to
hormone treatment over time and the average latencies
to sperm release. Following nasal administration of
GnRHa, 60% of males responded to 5 μg treatments,
93% of males responded to 10 μg treatments, and 80% of
males responded to 20 μg treatments (Fig. 1a). There
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was no significant difference (p = 0.17) in the number of
males responding to the three treatments. On average,
5 μg of GnRHa resulted in spermiation within 2.3 h,
while 10 and 20 μg treatments of GnRHa resulted in
spermiation within 2.8 h and 1.5 h, respectively (Fig. 1b).
Across all treatment groups, nearly 50% of the males
began producing sperm by the 1 h collection period and
73% of the males were producing sperm by the 3 h col-
lection period (Fig. 2). There was no significant differ-
ence (p = 0.32) in latency to sperm production between
treatment groups.

Sperm motility over time
Figure 3 shows the sperm motility over time for the three
responding treatments and the variation that occurs be-
tween animals and across time points. Peak sperm motility
for the 5 μg treatment (92%) and the 10 μg treatment
(81%) occurred within 1 h, in contrast to the 20 μg treat-
ment (82%) which peaked at 8 h (Fig. 3).
The generalized linear mixed models analysis showed

there was a significant effect of hormone treatment (p <
0.01) on motility, but no significant effect of time (p > 0.05)
or treatment x time interaction (p > 0.05). Sperm motility
across time points averaged 72, 63, and 49% for the 5, 10
and 20 μg groups, respectively. Average sperm motility was
significantly higher with the 5 μg (p < 0.01) and 10 μg (p <
0.04) treatmentes compared to the 20 μg GnRHa (Table 1;
Fig. 3). Otherwise, sperm motility induced by 5 μg verses
10 μg GnRHa was not different (p = 0.07).
We also analyzed separately the FPM of sperm sam-

ples as an additional metric for quality of sperm. The
average FPM of sperm in the 5 μg treatment was 50%,
which was significantly higher (p < 0.05) than the 10 and
20 μg treatments of GnRHa at 35 and 33% FPM, respect-
ively (Table 1). Figure 4 shows the variation in FPM over
time for the three treatment groups. The generalized lin-
ear mixed models analysis showed there was a signifi-
cant effect of time (p < 0.01) but not treatment (p > 0.05)
on sperm FPM, nor was there a treatment x time inter-
action (p > 0.05). The highest FPM occurred at the last 8
h time point collection for all three treatment groups
(Fig. 4) in contrast to the highest total motility, which
occurred much earlier (Fig. 3). These data indicate that a
higher proportion of non-progressive motile sperm are

Table 1 Sperm characteristics for Fowler toads treated intranasally with three different concentrations of GnRH

GnRHa
(μg)
Treatment

Responding
Males

Mean Sperm Characteristics

Spermic Urine
Volume (mL)

Concentration
Sperm/mL (×105)

Total Sperm
(× 105)

Motility
(%)

Forward Progressive
Motility (%)

Total Motile Sperm (× 105) (Total
sperm x % Motility)

5 9/15 0.25 ± 0.03 2.39 ± 0.67a 0.94 ± 0.34a 72.0 ± 4.0a 48.0 ± 4.5a 0.52 ± 0.17a

10 14/15 0.30 ± 0.04 5.68 ± 0.80b 2.41 ± 0.49b 63.0 ± 3.6a 35.0 ± 3.4b 1.66 ± 0.37b

20 12/15 0.42 ± 0.05 3.33 ± 0.64ab 1.66 ± 0.45ab 49.0 ± 4.0b 29.0 ± 3.5b 0.74 ± 0.20ab

Data are shown as mean ± SEM. Significant differences within columns are indicated by lettered superscripts

Fig. 1 Percentage of males (n = 15/trt) responding to each
treatment of GnRHa (a). Average latency (in hours) to spermiation
between treatment groups (b). Data are shown as Mean + SEM
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Fig. 2 Percentage of responding males (n = 15/trt), as measured through sperm production, over time between GnRHa treatment groups: 5 μ g
(▲), 10 μg (●), and 20 μg (■)

Fig. 3 Average total sperm motility over time for males (n = 15/trt) between GnRHa treatment groups: 5 μ g (▲), 10 μg (●), and 20 μg (■). Total
motility is defined as motile (M) sperm + forward progressive motile (FPM) sperm. Data are shown as mean + SEM
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Fig. 4 Average sperm forward progressive motility (FPM) over time for males (n = 15/trt) between GnRHa treatment groups: 5 μ g (▲), 10 μg (●),
and 20 μg (■). Data are shown as mean + SEM

Fig. 5 Average amount of sperm/mL produced over time by males (n = 15/trt) between GnRHa treatment groups: 5 μ g (▲), 10 μg (●), and
20 μg (■). Data are shown as mean + SEM
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produced earlier and that quality of the sperm collec-
tions may increase over time to an unknown point be-
fore declining again.

Sperm concentration over time
Males administered 10 μg of GnRHa produced signifi-
cantly greater (p < 0.01) average sperm concentrations
than males administered 5 μg GnRHa, though concen-
tration was not different between the 5 and 20 μg (p =
0.07) or between the 10 and 20 μg GnRHa groups (p =
0.06) (Table 1). Figure 5 shows the average sperm con-
centration (sperm/mL) over time for the three respond-
ing treatments and the variation that occurs across
animals and time points. The generalized linear mixed
models analysis showed there was a significant effect of
hormone treatment (p < 0.01) on sperm concentration
(sperm/mL), but no significant effect of time (p > 0.05)
or treatment x time interaction (p > 0.05). However, peak
sperm concentration (sperm/mL) occurred at 1 h follow-
ing 10 μg (7.64 × 105 sperm/mL) of GnRHa administra-
tion, whereas 5 μg (5.14 × 105 sperm/mL) and 20 μg
(6.91 × 105 sperm/mL) treatments had peak sperm con-
centration 4 and 5 h following hormone administration,
respectively (Fig. 5). We also calculated total sperm in a
sample and subsequently the total number of motile
sperm, with samples averaged across treatment groups
(Table 1; Fig. 6). Overall, more animals (93%) produced
sperm in response to the 10 μg GnRHa treatment group
and had a higher concentration of sperm.

The highest sperm/mL (5.68 × 105), total sperm (2.41 ×
105), and total motile sperm concentration (1.66 × 105) re-
sulted from treatment with 10 μg of GnRHa (Fig. 6). Be-
cause percent motility was typically between 50 and 70%,
total motile sperm concentration may be a more valuable
reflection of the quality of a sample and its fertilization
potential than total sperm/mL.

Discussion
To the author’s knowledge, this is the first time intrana-
sal GnRHa administration has been used to elicit sper-
miation in an anuran. Of the five treatments tested,
GnRHa concentrations of 5–20 μg resulted in sperm
production for 60–93% of the animals. The lowest con-
centration of GnRHa we used, 1 μg, was not effective at
stimulating sperm production and may indicate that the
concentration of hormone was too low to adequately
trigger a downstream cascade of gonadotropin signaling.
We found that spermiation occurred within 2 h of hor-
mone treatment and sperm quantity and quality
remained elevated for up to 8 h, allowing for multiple
collections of sperm from individuals. Moreover, the use
of a pipette to administer hormone intranasally, com-
pared to traditional methods of IP injections, is a novel,
minimally invasive delivery method that should be easily
transferable to captive breeding programs. We speculate
that, given its proximity and route of transfer, nasal ad-
ministration of GnRHa targeted its receptors within the
pituitary to modulate LH/FSH secretion and subsequent
steroidogenesis and gamete production in the testes.

Fig. 6 Average number of sperm in sample following treatment of GnRHa (5, 10, and 20 μg) calculated as sperm/mL, total number of sperm, and
total motile sperm. Different letters indicate significant differences (p < 0.05) within a category. Data are shown as mean + SEM
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For amphibians, the most common hormone delivery
method to stimulate gamete production is intraperitoneal
(IP) injections; thus, we know much more about the
physiological responses of animals receiving hormones via
this delivery route. We surmise that IP injections of
GnRHa may act systemically on GnRH receptors located
throughout the body including on the gonads and pituit-
ary; thus, diluting the overall effect on the HPG axis. Bam-
bino, Schreiber and Hsueh [30] found that treatments of
GnRH in rats decreased testicular LH receptors as a result
of repeated exposure, thereby reducing modulation of tes-
ticular function by pituitary-released gonadotropins result-
ing in a decrease in spermatogenesis. We suggest that
nasal administration of GnRHa would target receptors
within the pituitary or even brain, thereby directing and
reducing the amount of exogenous hormone needed com-
pared to IP injections, reducing the risk of receptor down-
regulation. There are three receptors for GnRH that are
located throughout the amphibian brain and pituitary:
GnRH1R, GnRH2R, and GnRH3R [21]. Various forms of
GnRH bind to these different types of receptors with dif-
ferential affinity and likely play different roles in repro-
ductive functions [31]. For example, GnRH 2 is thought to
primarily act as a neuromodulator within the midbrain
while GnRH 1 is suggested to control gonadotropin re-
lease [32–34]. Hence, our nasal administration of GnRHa,
a homolog of GnRH 1, and subsequent sperm production
in the toads is likely acting through GnRH 1 receptors in
the anterior pituitary, although there may be other recep-
tor binding occurring as well.
Kouba et al. [8] reported that in Anaxyrus americanus,

IP injections of GnRHa (1–32 μg) resulted in only 35% of
the males producing sperm. In comparison, the current
study showed an increased number of males (maximum
93%) produced sperm following nasally administered
GnRHa treatments. While both A. fowleri and A. ameri-
canus are from the same family bufonidae, species differ-
ences may impact the efficiency of hormone treatments,
regardless of administrative route. Moreover, the study by
Kouba et al. [8] was performed outside of the breeding
season for A. americanus, while the current study was
performed within the breeding season of A. fowleri. Com-
paring the effectiveness of intranasally administered
GnRHa in eliciting spermiation outside of the breeding
season in A. fowleri would give insight into the depend-
ence of spermatogenesis on abiotic factors.
Here, we report a sperm motility over time ranging be-

tween 49 and 72%, depending on GnRHa concentration,
which is slightly lower than other studies using IP injec-
tions of GnRHa. In Atelopus zeteki, average motility was
approximately 85% for treatments of 1–4 μg per gram of
toad body weight [35] while in A. americanus, GnRHa
treatments resulted in an average motility of approxi-
mately 80% [12]. Peak sperm production, where sperm/

mL concentration and motility coincide, was observed at
1 h post-administration of 10 μg of GnRHa in the
current study. The other two treatments did not gener-
ate a discernable peak in sperm production. In A. ameri-
canus, a clear peak in combined optimal sperm motility
and concentration was not observed across 24 h post
GnRHa IP injection [12]. In the current study, the aver-
age observed latency was 2.2 h across all three respond-
ing GnRHa treatments reported. In the bufonid A.
zeteki, peak sperm production following IP GnRHa ad-
ministration was found at 3.5 h post-treatment [35], al-
though sperm presence was first observed at 1.5 h,
which is similar to the average latency to spermiation we
found with nasal administration in A. fowleri. However,
in the study with A. americanus, sperm collections were
not initiated until 3 h post-hormone treatment [12],
which makes the comparison of sperm production la-
tency to the current study difficult to assess. In this
study, we ceased spermic urine collections after 8 h, and
did not perform a 24 h collection. Previous studies in
bufonids have shown a high amount of variability in the
duration of sperm release, with spermic urine produc-
tion ranging from 3 h to up to 24 h post-hormone
adminstration [12, 34]. However, sperm concentrations
began to significantly decline by 9 h post-administration,
and reached negligible concentration by 24 h. Therefore,
sperm collected within the first 8–9 h post-administra-
tion would likely be of the highest quality and concen-
tration for in-vitro fertilization.
In the study of A. americanus, Kouba et al. [12] also

tested the effectiveness of human chorionic gonadotropin
(hCG) on sperm production. Unlike the hypophyseal func-
tions of GnRH, hCG mimics the downstream effects of
luteinizing hormone (LH) and acts directly on either the
testes or the ovaries [9, 36] to induce gamete maturation
and release. Following the highest treatment of hCG (300
IU), 100% of males produced sperm with a peak of 12 × 106

sperm/mL. While the concentration achieved from hCG
was higher than in the current study, motilities ranged from
40 to 80%, similar to motilities reported here. Compared to
GnRHa, however, hCG is more expensive, must be used at
higher concentrations, and stock availability can fluctuate.
Therefore, despite its increased ability to produce higher
concentrations of sperm, the relative cost and comparable
motilities may make nasally administered GnRHa a viable
substitute for IP-administered hCG, especially for small
amphibians that are difficult to inject.
In order for nasal administration of exogenous hor-

mone to be considered a useful tool for assisted repro-
ductive technologies (ART), it is imperative that sperm
be collected in concentrations that are useful for in-vitro
fertilization (IVF) or cryopreservation. To achieve high
rates of fertilization in anurans, sperm concentrations
(sperm/mL) should be between 1 and 8 × 105 [11,
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Langhorne et al., unpublished]. As noted in Table 1, each
treatment group of GnRHa above 1 μg resulted in an aver-
age sperm/mL concentration of 2.6 × 105 or above, though
the 10 μg treatment group resulted in the highest sperm
concentrations overall. Adequate numbers of sperm could
be collected over time by pooling samples across 8 h (or
longer), helping to meet the criteria for IVF of a useful tool
for amphibian ART ([11], Langhorne et al., unpublished).
As previously mentioned, the 10 μg treatment groups also
elicited the highest sperm concentrations overall compared
to the other two treatment groups. It may be that males
were more responsive to the 10 μg compared to the 20 μg
GnRHa treatment due to higher concentrations of hor-
mone eliciting negative feedback responses or causing a
desensitization and/or downregulation of receptors. Taken
together, these data suggest that administrations of 10 μg of
GnRHa could be used to collect high enough amounts of
sperm for assisted breeding following nasal hormone ad-
ministration for this species.
The implementation of nasal hormone stimulation in

captive amphibian breeding may have several advantages
over IP injections. For example, IP injections require larger
hormone concentrations calculated on a per gram body
weight basis, which can be expensive or pose a risk to ani-
mal health and reproductive output. By contrast, nasal ad-
ministration uses lower concentrations of hormone, smaller
volumes of delivery vehicle, and is less invasive than IP in-
jections. In addition, many zoological institutions require
trained veterinarians to administer injections to animals in
collections, whereas non-invasive hormone treatment by
pipetting through the nares would not require this level of
expertise. Furthermore, eliminating the need for IP injec-
tions increases the safety factor for animals that are too
small to safely inject with a needle. Thus, nasal administra-
tion is a viable alternative hormone delivery route, owing to
its similarity in sperm production variables to that of previ-
ously published results from IP injections of GnRHa.

Conclusions
This study demonstrates for the first time that exogen-
ous GnRH can be delivered intranasally in an anuran
species to stimulate a downstream physiological effects
of gamete production and release. Moreover, GnRHa
concentrations between 5 and 20 μg successfully elicited
sperm production in up to 93% of male A. fowleri and
across at least 8 h. The results of these experiments
demonstrate that non-invasive nasal administration of
hormone is a viable substitute for IP injections, which
may be particularly helpful in other, smaller amphibians.

Methods
Animals
Sexually mature male A. fowleri toads were collected
from Oktibbeha County in Mississippi during the

breeding season from April–July 2016 and 2017 (Permit
#0728161); all experiments were conducted within the
breeding season. Toads were collected from the wild as
adults, so it was not possible to assign age classes. Ani-
mals were housed in groups of four to six in ventilated
polycarbonate tanks (30 cm H × 46 cmW × 66 cm L).
Average temperatures were maintained at 21°C and ani-
mals were kept at 12 h night/day cycles. Crickets and
mealworms were provided three times a week, and water
was provided ad libitum. Insects were gut-loaded with
Repashy SuperLoad® (Repashy Ventures Inc., CA, USA)
and dusted with a vitamin D supplement prior to feed-
ing. Toads were housed in accordance with IACUC pro-
tocols at Mississippi State University (IACUC #16–406).
Following this study, animals were housed at Mississippi
State University until natural death.

Hormone treatment comparison on sperm production
In the present study, a commercial GnRH analog
(GnRHa) with the trade name luteinizing hormone releas-
ing hormone analog (LHRHa; Sigma-Aldrich, Product
#L4513) was used for all hormone treatments. Toads (n =
15/treatment) were intranasally administered four treat-
ment concentrations of GnRHa (1, 5, 10, or 20 μg) or
phosphate buffered saline (PBS) as a control. Hormone
was suspended in PBS to achieve the desired concentra-
tion in 20 μl, with 10 μl administered to each nare via pip-
ette. Animals were treated in the morning, and then
placed in temporary holding tubs for the duration of
sperm collections. Due to very small concentrations of
hormone and volumes delivered into the nares, males
were given a fixed amount of GnRHa per treatment group
rather than adjusting the GnRHa amount on a per gram
body weight basis. Average male weight was 24.0 ± 0.8 g.

Spermic urine collection over time and sperm analysis
Hormone treatment is designated as time zero (T0).
Urine collections were conducted immediately prior to
T0 and every hour afterwards for 8 h. Urine was col-
lected at each time point by gently suspending the males
above a petri dish. Using a thumb and index finger, the
hind limbs were spread until urination occurred (≤ 1
min) into the dish. The samples were then collected and
placed in 1.5 mL Eppendorf tubes for immediate ana-
lysis. If sperm was observed in the urine, samples were
categorized as a response and spermic urine samples
were evaluated for volume, motility parameters and con-
centration. Sperm motility was further divided into the
categories of forward progressive motile sperm (FPM;
sperm exhibiting flagellar movement and progressing
forward), non-progressively motile sperm (NPM; sperm
exhibiting flagellar movement, but not progressing for-
ward), and non-motile sperm (NM; sperm with no fla-
gellar movement). Motility (M) was calculated as the
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sum of FPM and NPM. We also used motility, concen-
tration, and total volume to calculate motile sperm/mL,
total sperm produced, and total motile sperm in a given
sample. Sperm motility was assessed using a phase con-
trast microscope (Olympus CX43), while sperm concen-
tration was assessed using a hemocytometer counting
chamber (Hausser Scientific #3200).

Data evaluation and statistical analysis
If a male did not release sperm in a urine sample at a given
time point, that male was not included in the analysis of
that time point. Responders to each treatment group were
analyzed with a chi-squared test. Males were considered
“responders” if they released sperm following GnRHa ad-
ministration. All data were assessed for normality and
homogeneity of variance using the Shapiro-Wilke’s test and
Levene’s test, respectively. Percentage data were arcsine
transformed prior to analysis. Data that did not meet the
parameters for normality or homogeneity of variances (la-
tency to spermiation, total motility, forward progressive
motility, concentration, total sperm and total motile sperm)
were analyzed using a Kruskal-Wallis one-way analysis of
variance followed by the Dwass, Steel, Critchlow-Fligner
method for multiple comparison analysis. In order to deter-
mine interaction effects between time and treatment we
performed a generalized linear mixed models procedure for
each sperm parameter. Statistical analyses were performed
in SAS version 9.4 (Cary, North Carolina, USA). Values are
expressed as mean ± SEM and differences were considered
to be significant at p ≤ 0.05.
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NPM: Non-progressively motile sperm; PBS: Phosphate Buffered Saline;
SAS: Statistical Analysis System; SEM: Standard Error of the Mean
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