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The robustness of the terminal emitter site in
major LHCII complexes controls xanthophyll
function during photoprotection†
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Xanthophylls in light harvesting complexes perform a number of functions ranging from structural

support to light-harvesting and photoprotection. In the major light harvesting complex of photosystem II

in plants (LHCII), the innermost xanthophyll binding pockets are occupied by lutein molecules. The con-

servation of these sites within the LHC protein family suggests their importance in LHCII functionality. In

the present work, we induced the photoprotective switch in LHCII isolated from the Arabidopsis mutant

npq1lut2, where the lutein molecules are exchanged with violaxanthin. Despite the differences in the

energetics of the pigments and the impairment of chlorophyll fluorescence quenching in vivo, we show

that isolated complexes containing violaxanthin are still able to induce the quenching switch to a similar

extent to wild type LHCII monomers. Moreover, the same spectroscopic changes take place, which

suggest the involvement of the terminal emitter site (L1) in energy dissipation in both complexes. These

results indicate the robust nature of the L1 xanthophyll binding domain in LHCII, where protein structural

cues are the major determinant of the function of the bound carotenoid.

1. Introduction

Xanthophylls are oxygenated carotenoids widely found in bio-
logical systems. Besides their relevance in behavioural ecology,
from being responsible for the flamboyant plumage of birds to
being precursors of many molecules responsible for the scent
of flowers, they perform several “unseen” tasks as anti-oxi-
dants and scavengers of reactive oxygen species.1–4 Among
their natural hosts, photosynthetic organisms are an excep-
tional example of their protective activities. In plants, they are
mainly found in the thylakoid membranes, associated with
light harvesting complexes within the photosystems.5–7 Here,
they perform a well-known role as light harvesters, whereby
they collect photons in the blue-green region of the visible
spectrum and transfer their energy to chlorophylls.8–10

However, their quintessential role is the photoprotection of
the light harvesting apparatus during high light exposure.

Xanthophylls can quench chlorophyll triplet states and prevent
the accumulation of harmful reactive oxygen species.11When
this barrier fails or is insufficient, they can act as singlet
oxygen (1O2) scavengers.

12,13 Additionally, an increasing body
of evidence suggests that xanthophylls participate directly in
the de-excitation of chlorophylls during non-photochemical
quenching processes (NPQ).14–16 NPQ is the physiological
response of photosynthetic organisms to quickly de-activate
the light harvesting machinery during stressful environmental
conditions. In particular during high-light exposure, when the
thylakoids are overflown with high energy photons, the excess
chlorophyll excitation that is not photochemically utilised is
quickly quenched through the formation of dissipative
pigment interactions in plant’s major light harvesting com-
plexes (LHCII).17 Isolated LHCII display an intrinsic plasticity
and can switch reversibly to low-fluorescence
conformations.18,19 The conformational change of LHCII is
controlled by components, such as pH, detergent concen-
tration and zeaxanthin binding, that mimic the thylakoid
environment under low or high light conditions in leaves.20,21

Therefore, this inherent switch has been proposed to underlie
the formation of NPQ in vivo, together with the contribution of
other membrane-linked factors such as protein–protein aggre-
gation and PsbS activation.22

The LHCII monomer presents 4 xanthophyll binding sites,
namely N1, L1, L2 and V1.23 A 9-cis neoxanthin binds strongly
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in the N1 position, in a chlorophyll b-enriched pocket.24 The
L1 and L2 sites are occupied by two spectrally distinct lutein
molecules, both having light harvesting and photoprotective
roles.25,26 L1 is in close contact with the chlorophylls a of the
terminal emitter site.27 Additionally, a V1 binding pocket is
found in a peripheral location of the LHCII monomer and is of
central importance for the xanthophyll cycle operation, invol-
ving the de-epoxidation of violaxanthin to form zeaxanthin
during NPQ.28,29 These carotenoid binding sites are somewhat
flexible and can accommodate different pigments upon
reconstitution.30–32 The site of quencher formation during
NPQ within the LHCII complex and the nature of the xantho-
phyll involved are still a matter of debate and both lutein and
zeaxanthin have been proposed as candidates.14,15,33,34

Here, we investigated the nature of the quenching switch in
an Arabidopsis double mutant impaired in xanthophyll biosyn-
thetic pathways, unable to accumulate lutein and zeaxanthin
during light exposure and instead enriched in violaxanthin.
The npq1lut2 mutant has a drastically impaired capacity to
form NPQ, highlighting the importance of both lutein and
zeaxanthin in energy dissipation.35,36 Yet, its isolated LHCII
complexes can still undergo the dissipative switch, despite to a
different extent than in the wild type (WT).37 Our previous ana-
lysis showed that the behaviour of carotenoid triplet states is
independent of the substitution of lutein with violaxanthin in
LHCII, revealing the robustness of the L1 xanthophyll pocket
in the triplet photoprotective mechanism.38 In this study, we
produced a careful analysis of the spectroscopic signatures of
the quenching induction in monomers of major LHCII com-
plexes, with WT and npq1lut2 xanthophyll composition. Our
data show that, despite the xanthophyll exchange causes
subtle changes in pigment site energies and excitonic chloro-
phyll clusters, the position and extent of the alterations
induced by the protein conformational switch are extremely
well conserved. The L1 binding site is prominently affected by
the switch, suggesting it is the primary site of quenching for-
mation. The properties of LHCII are thus such that xantho-
phyll structure is not the key factor for the photoprotective
function.

2. Materials and methods
2.1. LHCII isolation and monomerisation

Major LHCII complexes were purified from adult WT and
npq1lut2 Arabidopsis plants via iso-electric focussing and resus-
pended in 25 mM HEPES, 0.01% β-dodecyl-D-maltosyde (βDM),
pH 7.6 (resuspension buffer, RB).38 Due to the absence of
luteins, crucial for trimerisation, npq1lut2 complexes were
exclusively isolated in the monomeric state.39 WT LHCII were
instead collected as trimers and underwent chemical mono-
merisation by incubation in RB with 20 mM CaCl2 and phos-
pholipase A2 (Sigma-Aldrich) (500 μg ml−1 total chlorophyll).40

After 21 hours, the LHCII suspension was separated on a
sucrose density gradient, the monomeric fraction was collected
and washed through PD-10 columns (GE Healthcare) in RB.

2.2. Immobilisation in polyacrylamide gels and quenching
induction

Embedding of LHCII monomers in polyacrylamide gels was
performed as previously described.19,38 Quenching induction
was achieved via overnight incubation of LHCII gels in RB
without βDM and their absorption and fluorescence properties
were monitored at 1, 2, 3, 4, 20 hours from the beginning of
induction. The total chlorophyll concentration of the samples
was 10 μg ml−1 for the low-temperature fluorescence experi-
ments and the data presented in ESI,† while 100 μg ml−1 was
used in all other experiments.

2.3. Pigment analysis

Pigment analysis was performed via reverse-phase HPLC,
using a LiChrospher 100 RP-18 column and Dionex Summit
chromatography system.38 The xanthophyll absorption spectra
were analysed with the Chromeleon software (Dionex).

2.4. Steady-state absorption and fluorescence spectroscopy

Quenching formation was monitored measuring the steady-
state chlorophyll a fluorescence signal at different points
during the induction using a Dual PAM fluorometer (Walz,
Germany), applying a weak measuring blue light beam
(<12 μmol photons m−2 s−1). Room-temperature steady-state
absorption spectra were measured on an Aminco DW-2000 UV/
Vis spectrophotometer (Olis Inc., USA). Second derivatives
were calculated using the GRAMS software (Thermo-Fisher),
applying a Savitzky–Golay filter with a 5th order polynomial
function. Fluorescence emission spectra were recorded at 77 K
using a Jobin Yvon FluoroMax-3 spectrophotometer equipped
with a liquid nitrogen cooled cryostat. Excitation was per-
formed at 435 nm with 5 nm slit width and the fluorescence
spectral resolution was 0.5 nm. Integration time was set to 0.1
s. Every spectrum is the average of 5 scans.

2.5. Ultrafast transient absorption spectroscopy

Transient absorption spectra were measured as described
before.38 Briefly, a modular laser system was used, consisting
of an ultrafast Ti:sapphire regenerative amplifier (Spitfire Ace-
100F, Spectra-Physics, USA) seeded with a Ti:sapphire oscil-
lator (MaiTai SP, Spectra-Physics, USA), and pumped by Nd:
YLF laser (Empower 30, Spectra-Physics, USA). The generated
∼100 fs pulses (800 nm) at 1 kHz repetition rate were divided
into excitation and probe beams by a beam splitter. Tunable
excitation pulses were generated by an optical parametric
amplifier (TOPAS-C, Light Conversion, Lithuania). A 2 mm sap-
phire plate was used to generate a broadband (450–750 nm)
white light pulse. The probe beam was focused to the sample,
overlapping with the excitation beam. Probe and reference
beams were then focused to the entrance slit of a spectrograph
where the beams were dispersed onto a double CCD detection
system (Pascher Instruments, Sweden). The time delay
between the excitation and probe pulses was introduced by a
computer-controlled delay line. The mutual polarisation of the
excitation and probe beams was set to the magic angle (54.7°).
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Excitation intensity in all experiments was kept at ∼4.0 × 1013

photons per pulse per cm2. The LHCII gel sample of a 10 ×
10 mm size and of 1 mm thickness was squeezed between two
quartz windows with a 1 mm Teflon spacer. The cuvette was
placed into a holder attached to a Lissajous 2D scanner that
moves the sample during the measurement to prevent degra-
dation. Decay kinetics of chlorophyll a QY absorption band
were described using a triple exponential function, with
formula

f ðtÞ ¼
X

Aie
� t

τi

where Ai and τi are the fractional amplitude and the lifetime of
the i-th component. The average lifetimes were calculated as

τ̄ ¼
P

AiτiP
Ai

3. Results and discussion

Violaxanthin differs from lutein for the presence of two epoxy
groups in the end rings (Fig. 1A). This subtle change causes a
pronounced effect on the polarity of the xanthophyll41 and an
increase in the conjugation length of the CvC backbone (N =
10, lutein; N = 9, violaxanthin). This in turn results in a visible

blue shift of the ground state absorption profile (85 cm−1,
Fig. 1B). Lutein is structurally related to zeaxanthin, a com-
ponent of the xanthophyll cycle that promotes NPQ.2 Both
carotenoids display similar optical and chemical properties
and were both shown to be crucial for the correct formation of
NPQ in vivo.35,36 Violaxanthin, on the contrary, has been
demonstrated to act antagonistically during NPQ
formation.42,43 The npq1lut2 mutant, impaired in both lutein
and zeaxanthin accumulation, lost completely its capacity to
form the fast qE-type quenching,36 similar only to mutants
lacking the protein PsbS.44 A closer inspection to the quench-
ing inductions of the double mutant revealed that the cause of
the abolished qE phenotype, might reside on its shifted ΔpH
dependency when the xanthophyll composition is changed.45

Backing up this suggestion, later work showed that the chemi-
cally-induced exacerbation of the thylakoid ΔpH can restore
WT amplitudes and kinetics of qE, the main component of
NPQ, in npq1lut2.46 Thus, neither lutein nor zeaxanthin are
strictly essential in qE development. On the contrary, it is
suggested that a correct xanthophyll asset guarantees the stabi-
lity of pigment-protein complexes in the thylakoids and in
turn allows a fine tuning of the pK of qE, in response to phys-
iological needs.41,45 Complexes isolated from different xantho-
phyll biosynthesis mutants, retain their ability to form low-
fluorescent aggregates and their sensitivity to factors such as
detergent and pH that mimic the changes in the membrane
occurring upon light exposure.37,47 In the analysis described
hereafter, we induced chemical monomerisation of WT LHCII,
first isolated as trimers, to consistently study the quenched
state of single lutein or violaxanthin-enriched protein com-
plexes. The lut2 mutation, indeed, is known to induce mono-
merisation of the LHCII antenna, due to the lack of lutein in
the L2 position, essential for trimer stability.39 The incorpor-
ation in polyacrylamide gels provided a platform to study func-
tional changes in LHCII without affecting the monomeric state
of the antenna since the removal of detergent was performed
on fully separated LHCII complexes, locked in the gel
matrix.19,48–50 The starting assumption of our experimental
design was that violaxanthin is incorporated correctly and
solely in the L1 and L2 binding sites. We showed previously
that the neoxanthin pool is not significantly affected in the
mutant LHCII, which binds 1 neoxanthin molecule per
monomer as in the WT.38 On a similar note, the V1 site binds
only loosely the xanthophyll cycle carotenoids and this is lost
during preparative steps in both LHCII samples.28,38

Therefore, differences visible in carotenoid absorption are
likely to reflect only the changes at the lutein binding sites (L1
and L2, Fig. 2). Importantly, we found earlier that violaxanthin
replaces lutein in npq1lut2 LHCII with the same stoichiometry
of 2 : 1 relative to neoxanthin, confirming that the L1 and L2
sites are able to accommodate both carotenoids without dis-
rupting the LHCII stability.38 Works on recombinant LHCII
showed indeed the importance of xanthophylls occupying the
inner binding sites (L1 and L2) for the folding of the com-
plexes, which doesn’t occur in the absence of xanthophylls.7,51

Additionally, these and more recent studies showed that

Fig. 1 Properties of the xanthophylls lutein and violaxanthin. (A)
Chemical structures. (B) Absorption spectra after HPLC purification,
obtained via LHCII solubilisation in 80% acetone.
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different xanthophylls can be incorporated correctly in LHCII
and yield stable complexes, among these violaxanthin in lut2
and npq1lut2 mutants.31,39

To understand how the energy/structure of xanthophylls
modulates the ability of LHCII to switch to the quenched con-
formation, we began our analysis investigating the xanthophyll
occupancy in LHCII by means of absorption spectroscopy
(Fig. 2). At a first inspection, the spectra of samples from WT
and npq1lut2 plants show a similar position of the absorption
bands of chlorophyll and carotenoid molecules. A peak at
418 nm has been assigned in our previous work to the pres-
ence of pheophytin as a result of the protein purification pro-
cedure.38 This may reflect the partial instability of LHCII in
the absence of luteins.52 The higher absorption tail at wave-
lengths <400 nm, instead, arises from differences in the scat-
tering of the gels from the two samples analysed. A second
derivative analysis reveals clearly the pigment binding pattern
and confirms the first observations. Unexpectedly, the LHCII
from npq1lut2 mutants, do not exhibit a clear fingerprint for
lutein substitution with violaxanthin (blue shift). Instead, it
shows a conserved position of the absorption of the carotenoid
in the inner L1 site. At most, the derivative shows a slight red
shift of the absorption position in the sample with violax-
anthin, visible as a decrease in the absorption at m491 nm
and a shoulder appearing right-shifted 3–4 nm. The derivative
analysis also shows that no absorption is present after 500 nm,
except for a faint band at 540 nm in npq1lut2 belonging to
pheophytin.38 This observation is in line with the evidence

that the absorption of lutein in the L2 site at 510 nm orig-
inates from a distorted conformation of the xanthophyll sand-
wiched between protein units of the trimer and this character-
istic is lost upon monomerisation.6

Having investigated the binding properties of the pigments
in LHCII isolated from npq1lut2 mutants, we probed the
capacity of these complexes to switch to a dissipative confor-
mation. Contrarily to previous studies,53 the novel approach
involving immobilisation in gels enabled us to probe the con-
formational change of solely monomeric LHCII complexes,
bypassing the complexity and potential experimental draw-
backs of quenched LHCII aggregates.54 The gel matrix has
been exploited as a controlled and easily reproducible platform
to investigate dynamic changes of LHCII.19,48,50 Most impor-
tantly, the quenching induction in gels retains closely the
spectroscopic properties of NPQ in vivo.19,48 In the thylakoids,
regulation of light harvesting relies on the interplay between
the protein PsbS, the xanthophyll cycle, lipids and involves
ΔpH formation and membrane reorganisation events.22,55–57

Therefore, all in vitro setups come at a cost regarding the dyna-
mical aspect of NPQ, as the above-mentioned factors are
needed for the quick activation and de-activation of the
quenching mechanism. However, despite being a very simpli-
fied model, the pigment architecture of LHCII and the signa-
ture of quencher formation are preserved in gel, making it a
useful strategy to study the changes in energy equilibration
pathways while avoiding the complexity of the thylakoid mem-
brane. Incubation of LHCII in gel with buffer devoid of deter-
gent, resulted in a dramatic drop of the chlorophyll fluo-
rescence yield (Fig. 3A). The quenching induction showed that
in 4 hours under constant mixing the fluorescence drop was
already at an extent close to the maximum experimentally
obtainable. However, the complete stabilisation of the
quenched conformation was achieved after 17 hours of incu-
bation. Interestingly, the violaxanthin-enriched complexes
reacted to the treatment in a very similar way to the WT. At the
end of the incubation, both samples stabilised at a residual
fluorescence yield corresponding roughly to one fifth of the
initial value (18.4 ± 1.6%, WT; 21.6 ± 5.9, npq1lut2) Although
not significant, the induction traces show differences in their
trends, suggesting that vio-laxanthin in npq1lut2 exerts some
resistance to the conformational switch of LHCII, as previously
found for LHCII aggregates from lut2 mutant plants.53 To
verify this, transient absorption was applied to gain insights
into the chlorophyll excited-state lifetimes. The results shown
in Fig. 3B are in agreement with the previous fluorescence life-
time data measured for isolated and aggregated LHCII com-
plexes of npq1lut2.41,53 The mutant shows a visibly longer
chlorophyll S1 lifetime compared to WT. In line with this, a
correlation has been shown between fluorescence lifetime and
the xanthophyll composition, with the presence of more polar
carotenoids (e.g. violaxanthin) causing long-lasting chlorophyll
excitation.41 Table 1 shows that in the unquenched LHCII
sample, the amplitude of the longest component τ3 is slightly
increased compared to WT, concomitantly to a decrease of the
amplitude of the fast component τ1. Confirming what prelimi-

Fig. 2 Absorption spectra of LHCII monomers in gel isolated from WT
and npq1lut2 plants. Bottom panel shows the inverted second deriva-
tives of the spectra, normalised to their maximum. The dashed line high-
lights the maximum of the 0–0 transition of the xanthophyll bound to
the L1 site in WT LHCII.
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nary suggested from the analysis of the induction traces
(Fig. 3A), chlorophyll S1 lifetimes are significantly different in
the quenched state, with the decay of WT sample being visibly
faster than the mutant (Fig. 3B). All lifetime components in
the multi-exponential fitting are found consistently longer in
npq1lut2, although their amplitudes is overall similar in both
samples. The calculated average lifetime value in the
maximum quenching state is thus ∼200 ps for npq1lut2
against ∼79 ps for WT.

The next step we undertook was to analyse the changes
occurring in the pigment binding sites upon quenching induc-
tion, probing the fingerprints of the quenched conformation
(Fig. 4). In WT, a pronounced decrease in absorptivity in the

carotenoid absorption region is visible by the simple inspec-
tion of the normalised spectra (Fig. 4A). Difference spectra in
panel C, highlight the exact position of these changes. The
results are in good agreement with what was previously
observed in LHCII trimers,19 revealing that the quencher is
born within single LHCII monomers, in the absence of protein
aggregation. The difference spectra show that upon quenching
induction, the LHCII is perturbed such that all pigments are
to some degree affected. However, the most prominent
changes occur in the carotenoid occupying the L1 site, as evi-
denced by the marked absorption loss at 490 nm. npq1lut2
shows overall a very similar picture with respect to the WT
(Fig. 4B and D). However, the maximum of absorption loss pre-
sents a non-negligible 4 nm red shift in the violaxanthin-
enriched samples. This is opposite to a blue-shift expected by
the lower energy 0–0 transition of violaxanthin (Fig. 1B). This
red shift is also slightly evidenced by the second derivative
analysis of the absorption spectra in Fig. 2. This observation
suggests that the protein scaffold is strongly interfering with
the properties of the carotenoid in the L1 site. Carotenoid tran-
sition dipole moments are very sensitive to the polarisability of
the environment and display marked variations depending on
the nature of their solvent.58 In addition, they are sensitive to
distortion of structural deformations of the CvC
backbone.59,60 A shift to lower energies transitions has been
reported various times in pigment-protein complexes.6,61,62

Notable is the example of lutein 2 in trimeric LHCII, which
appears to be bent at the interface between monomers, giving
rise to a shift ∼630 cm−1 energy shift of its absorption
band.6,63 Ultimately, the results shown in Fig. 4D reveal how
the protein, acting as a “programmed solvent”,64 modulates
the electronic properties of the violaxanthin in L1.

The outcome of the absorption analysis in Fig. 4 highlights
the resemblance of the changes occurring to the pigment
arrangement in LHCII in violaxanthin- and lutein-enriched
complexes. Despite the different pigment energetics, indeed,
quenching still occurs in both complexes (Fig. 3) and involves
similarly in both samples the participation of the L1 xantho-
phyll site (Fig. 4). The L1 site is enclosed by the chlorophylls of
the terminal emitter site, the main proposed energy sink in
LHCII responsible for inter-complexes energy transfer.27,65 To
unravel the involvement of this site in the energy quenching of
both complexes studied, we performed a detailed analysis of
the QY absorption band of chlorophyll a in LHCII (Fig. 5 and
Fig. S1†). The position of the QY transition can identify chloro-
phyll a sub-populations and detect changes in pigment site
energies. The absorption spectra in Fig. S1† evidence a

Fig. 3 Quenching induction in isolated LHCII in gel. (A) Chlorophyll a
fluorescence quenching monitored at 1, 2, 3, 4 and 20 hours from the
incubation of LHCII gels in buffer without detergent. (B) Transient
absorption kinetics monitored at 684 nm after the excitation of Chl a at
674 nm. The x-axis is displayed in logarithmic scale. In both graphs,
empty/filled symbols mark no/maximum quenching, respectively, and
color gradients indicate intermediate quenching states.

Table 1 Parameters of the multi-exponential fitting of chlorophyll a QY absorption kinetics

Sample A1 τ1(ps) A2 τ2(ps) A3 τ3(ps)

Unquenched WT 0.26 ± 0.01 6.3 ± 0.69 0.24 ± 0.02 89.29 ± 15.94 0.43 ± 0.02 1428.57 ± 204.08
Unquenched npq1lut2 0.15 ± 0.01 3.48 ± 0.35 0.21 ± 0.01 66.23 ± 7.02 0.47 ± 0.01 1000 ± 79.64
Quenched WT 0.13 ± 0.03 1.75 ± 0.81 0.42 ± 0.02 17.76 ± 2.59 0.38 ± 0.02 188.68 ± 21.36
Quenched npq1lut2 0.08 ± 0.01 3.54 ± 2.21 0.42 ± 0.03 45.66 ± 7.30 0.38 ± 0.03 476.19 ± 68.03
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decrease of the amplitude of the QY band during the induction
(0.039 ± 0.001, unquenched; 0.034 ± 0.001, quenched;
Fig. S1A†). This decrease is accompanied by a shift in the
maximum absorption position, which, upon quenching, peaks
2 nm blue-shifted (674 nm, unquenched; 672 nm, quenched;
Fig. S1B†). In room temperature LHCII spectra, QY is a
complex convolution of the signal coming from all 8 chloro-
phylls a bound. A crude distinction of the different chlorophyll
a sub-populations can come from a second derivative analysis
of these spectra, which picks up subtle flex points in the
curves (Fig. 5). From the analysis of the WT two chlorophyll
populations emerge clearly, one with maximum at 672 nm and
another peaking at 680 nm (Fig. 5A). The normalisation at
672 nm highlights a consistent trend of the red-most band
intensity to decrease upon quenching induction. In the most
quenched samples, it barely remains a shoulder of the main
672 nm band. A very similar picture occurs in npq1lut2
samples(Fig. 5B). It is interesting to note that the position of
the second derivative peaks is shifted towards the blue by
2–3 nm compared to the WT sample. The pronounced loss of

absorption in the red wing of the QY band suggests that the
lower energy chlorophylls are the most affected during the
quencher switch. This is similar to what was previously
reported in isolated trimers and intact membranes.48,66 Beside
confirming the involvement of terminal emitting chlorophylls
in quenching, our findings show that this is independent of
xanthophyll composition. This observation suggests that the
conformational switch of LHCII is a remarkably robust trait
that works beyond the nature of the carotenoids bound.

Ultimately, having revealed the common involvement of the
terminal emitting site during quenching in WT and mutant
LHCII, we investigated the changes occurring in this site upon
the conformational switch. Low temperature fluorescence
measurements can yield information about the lower-energy
chlorophyll clusters in LHCII and their relative coupling.67

From the emission spectra, it emerges that npq1lut2 complexes
have reduced emission in the red region of the main fluo-
rescent peak compared to WT, with maximum signal loss
located at ∼686 nm (Fig. S2†). Concomitantly, they exhibit a
slight increase of the vibrionic far-red band and a blue-shift of

Fig. 4 Absorption changes in the Soret region induced upon quenching. (A) and (C), WT LHCII in gel; (B) and (D), npq1lut2 LHCII in gel. (A) and (B)
show the absorption spectra normalised at the maximum chlorophyll a absorption at ∼438 nm, while (C) and (D) show the offset difference spectra
(quenched-minus-unquenched) at different stages of the quenching induction.
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the whole spectrum. The featureless emission below 670 nm
partly originates from the free pheophytin present in mutant
LHCII (cf. Fig. 2). These data, together with the blue shift of
the QY absorption band (Fig. 5B), suggest a loosening of strong
excitonic coupling in terminal emitting chlorophylls. It is
worth noting that LHCII emission spectra can easily deviate
from a narrow and symmetric spectral distribution by modify-
ing the relative orientation, and thus coupling, of chlorophylls
a 611 and 612 (using notation of ref. 23).67,68

Spectra were then recorded at different phases of the
quenching induction (Fig. 6). Intriguingly, the changes
observed are minimal, despite the 5-fold difference in fluo-
rescence yield (Fig. 3A). The comparison with previous data
highlights differences between the signature of quenched
LHCII immobilised in gels and the aggregated complexes in
solution.69 While the latter exhibits a marked emission peak
centred roughly at 700 nm, the former displays a smaller and
featureless increase in the intensity of far-red emission.19

Instead, the most evident change occurring is a gradual red-
shift upon quenching. Spectral broadening is likely to arise
from the heterogeneous contribution of several conformation-
al states. Due to its average nature, bulk spectroscopic

measurements can’t discriminate precisely between these
different conformations, which is instead possible in single-
molecule studies.68 The quenching induction could thus
increase the number of states accessible, leading to a broader
fluorescence peak. Generally, small spectral shifts can identify
variations of the chlorophyll site energies or their excitonic
coupling, since the magnitude of both effects is similar.70

Concomitantly to the red-shift and broadening, a blue-shifted
emission at around 670 nm is slightly enhanced in the
quenched LHCII from mutants, while no change is detected in
the WT (Fig. 6B). The position of this emission matches
closely the blue-most emission contribution to the steady-state
unquenched spectrum in npq1lut2 that is missing in WT
(Fig. S2†). This again may result from an effect of the lutein-
violaxanthin substitution, structurally affecting the mutual
orientation of chlorophylls and therefore disrupting, to some
degree, specific excitonic clusters. This could lead to the
observed heterogeneity in the emission spectra. Upon quench-
ing induction, however, the “bluer” chlorophylls are only mar-
ginally affected, compared to the main red-most emitting
chlorophyll cluster. Spectral fluctuations are indicative of a
high degree of disorder in the protein environment. LHCII is
characterised by conformational plasticity and a high degree
of static disorder characterises the terminal emitter site.71 A
combination of pigment site energies variations and changes
in excitonic coupling at the level of the terminal emitter are
likely to generate the dissipative interactions in quenched
LHCII in gel. Energy transfer models can explain red-shifts
lower than 695 nm considering variations in pigment site ener-
gies and without invoking the mixing of excitonic and charge
transfer states.18,27 On the contrary, considerable emission
>695 nm in LHCII aggregates and thylakoid membranes likely
arises from the formation of charge transfer states.72–74 While
these have been found to correlate with NPQ and have been
proposed to play a direct role in energy dissipation,75 our data
suggest that these states do not occur significantly in LHCII
monomers, as similarly found in isolated CP29 complexes,15

and are therefore not involved as energy quenchers.
Carotenoids, instead, are good candidates for the quencher in
virtue of their complex excited states photodynamics, which
result in a ladder of intermediate short-lived states.76–78 The
perturbation of the local interaction with chlorophylls open up
an energy transfer channel that ends with a fast internal con-
version to the ground state.15,16

To summarise, our data on major LHCII in monomeric
form obtained from different xanthophyll mutants showed
that the carotenoid chemical structure and properties do not
hinder the capacity of the complexes to undergo dissipative
conformational changes. Both lutein and violaxanthin, that
affect NPQ in vivo in seemingly opposite ways,36 not only can
bind to the inner L1 and L2 sites,39 but also display redun-
dancy in their possible function as energy quenchers. But how,
then, is it possible that pigments with so different energies
and polarity retain the same function when bound to specific
LHCII pockets? Several works have revealed the strong hom-
ogenising effect on the spectroscopic properties of carotenoids

Fig. 5 Quenching-induced changes of chlorophyll a QY absorption
band. Inverted second derivatives of the absorption spectra of LHCII in
gel, normalised at 672 nm for WT (A) and 669 nm for npq1lut2 (B).
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in light harvesting complexes.30,31,38 On this aspect, it is inter-
esting to note that early-diverging phototrophic organisms,
such as higher plants and diatoms, retain certain conserved
features in their respective light-harvesting complexes. These
complexes exhibit a remarkable conservation of the α-helices
in the proximity of the L1 and L2 carotenoid binding sites.79,80

This results in the high degree of superimposition of caroten-
oids and chlorophylls occupying them, that retain similar
orientation and distance in different organisms.80 Therefore,
despite being so diverse in thylakoid chromophore compo-
sition and organisation, key structural details such as the con-
servation of the L1 and L2 sites are maintained, underlying
their pivotal role in light harvesting and photoprotection. Our
data show in particular an extreme plasticity of the carotenoid
and chlorophylls bound to in the terminal emitting site (L1).
The presence of two hydroxyl groups in the end rings of lutein
is exploited by the protein to anchor the pigment via hydrogen
bonds with specific amino acids (R162, L162, Q197, P205,
Fig. 7). Both lutein and violaxanthin possess these functional
groups in their end rings. Since also the length of the caroten-

oids in their planar configuration is similar (Fig. 1), the occu-
pancy of violaxanthin in the L1 site is not unexpected.
However, this work highlights the high degree of modulation
of the spectroscopic properties of the xanthophyll bound to
L1 by the surrounding protein environment. The colour of
the carotenoid is tuned by the residues forming the binding
pocket of the chromophore (Fig. 2 and 7). The robustness of
the light harvesting architecture is an essential trait for the
subsistence of photosynthetic organisms. One of the most
fundamental characteristics underlying sunlight harvesting,
is the programmed pigment architecture in antenna com-
plexes.81 The diversity of pigment types and the controlled
interactions between them and with the protein ensure
efficient light harvesting in a noisy environment.82,83 Thus,
the protein scaffold seems not only to fix tightly the relative
orientations between chromophores in the L1 site,80 but also
to modulate their site energies, to maximise both light-har-
vesting and photoprotective roles. In this context, carotenoid
composition becomes dispensable for the quenching func-
tion of LHCII.30,31,37,39,47 By contrast, it emerges that struc-

Fig. 6 Low temperature fluorescence analysis during quenching induction. (A) and (C), WT LHCII in gel; (B) and (D), npq1lut2 LHCII in gel. (A) and
(B) show the 77 K normalised fluorescence spectra, while (C) and (D) show the offset difference spectra (quenched-minus-unquenched) at different
stages of the quenching induction.
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tural cues predominantly dictate the functional aspects of
antenna components.16,84 By examining the intermediate
stages of quenching formation, we also disclosed that
quenching is not an on/off switch, but rather relies in shifting
the equilibrium of LHCII towards dissipative conformations.
Controlled protein disorder, modulated by factors that are
related to NPQ in vivo such as pH and zeaxanthin, underlies
this equilibrium shift.20 It is likely that a gradual confor-
mational change varies the orientation and coupling of chlor-
ophylls and the L1 xanthophyll, enabling the formation of
dissipative interactions.57,63,85,86 The allosteric modulation by
zeaxanthin and PsbS and the cooperative nature of the
quenching switch grant the controlled modulation of the
light harvesting function of LHCII in vivo.22

4. Conclusions

In this work, we investigated the role of the LHCII protein
structure in the context of the mechanism of excited-state
energy quenching (NPQ). Comparing isolated monomers of
major LHCII complexes of WT or npq1lut2 plants we were able
to identify the terminal emitting chlorophylls and the xantho-
phyll in the L1 pocket as the primary site for energy quench-
ing. The qualitatively and quantitatively similar spectroscopic
changes, regardless of the differential binding of either lutein
or violaxanthin, suggest that the LHCII protein scaffold
evolved to be both flexible, allowing functional conformational
switches, and robust, allowing redundancy in the nature of the
xanthophylls bound.
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