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Abstract
Microalgae-based biofuel is considered as one of the most promising sources of alterna-
tive energy because it is sustainable and does not pose threats to the environment and food 
security. However, attempts in improving microalgal strains to attain the ideal character-
istics for biofuel application are yet to unravel. In this study, random UV-C mutagenesis 
was employed to generate starch-deficient mutants of indigenous Chlorella vulgaris to 
enhance its productivity. Out of 872 colonies, two isolated mutants (cvm5 and cvm6) were 
isolated and showed significant increase in cell concentrations by > 1.47-fold and > 1.04-
fold, respectively. However, mutant cells exhibited smaller in size which might contributed 
to the significant decrease in their biomass. Moreover, gathered data revealed that the total 
lipid content of cvm5 was enhanced significantly (75%, > 1.3-fold increase). Additionally, 
triacylglycerol (TAG) content of the said mutant constitutes 48% of the dry cell weight 
(DCW) while cvm6 consist of 41% of the DCW. These promising and novel findings sug-
gest that the two generated and isolated mutants are good candidates for future commercial 
biofuel production, especially in the Philippines. In addition, these findings may contribute 
on the prior knowledge of the usage of UV-C for microalgal strain development.

Keywords Biofuel · Chlorella vulgaris · Starchless mutants · Triacylglycerol · UV 
mutagenesis

1 Introduction

Rapid increase in population and long-term effects of anthropogenic activities relying on 
fossil fuels has led to rapid decrease of available resources and urgent global environmental 
concerns such as climate change (Amin, 2009; Khan et al., 2017). Even though the use of 
renewable energy such as wind, solar and hydroelectricity is growing widely and rapidly, 
84% of world’s primary energy consumption is from fossil fuels followed by hydroelectric, 
renewables and nuclear energy (Rapier, 2020). It has been reported by BP in its Statisti-
cal Review of World Energy 2020 that due to the COVID-19 pandemic, oil consumption 
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dropped by 9.1 million b/d in 2020 and stated that carbon emissions also dropped by 
6.3%. However, this rate of decline in carbon emissions should be maintained for the next 
30 years to be able to meet the aims and comply with the Paris Agreement. Widespread 
air pollution and climate change due to excessive use of fossil fuels have led governments, 
public and private sectors to reduce carbon emissions (Global Commission on the Geo-
politics of Energy Transformation, 2019). As of 2020, the Philippines consumed 391 thou-
sand b/d (Statista, 2021). The promotion of renewable energies in many countries will help 
achieve their goals of decreasing the amount of carbon dioxide and saving the environment 
for the future generations (Simsek et  al., 2019). Experts say that electricity price in the 
Philippines could decrease by 30% with the help of renewable energy (Saulon, 2019) and 
this is very significant as the economy continues to struggle especially during this time of 
pandemic.

As we continue to search for the best alternative source of energy, various types of 
sources have been studied to be an alternative feedstock for biofuel production. First gen-
eration biofuels are the most recognizable type of biofuel which includes vegetable oils, 
bio-alcohols, biodiesel, biogas and solid biofuels (Datta et al., 2019). These are crop plant-
based which contain sugars, oils and cellulose and known to be utilized by humans for 
hundreds of years. On the other hand, second generation biofuels are also plant-based but 
generally are not used for human consumption. Second generation biofuels are known as 
“advanced biofuels” because production of its sources (wood, agricultural residues, organic 
wastes, food wastes and specific biomass crops) is very difficult (Berla et al., 2013). First 
and second generation biofuels are advantageous in terms of the wide variety of feedstock 
for manufacturing. However, such feedstocks impose public concerns since they compete 
with land use and generate more greenhouse gasses during their production processes 
(Ahmad et al., 2011). Third generation biofuels are from algal biomass and showed one of 
the most promising sources of sustainable and renewable energy (Naik et al., 2010). Stud-
ies show that they have relatively higher productivities, sustainable, and do not compete 
with land and food productions. Numerous researches that demonstrated the application 
of various microalgae species for mass cultivation and biofuel applications have been pub-
lished (Chisti, 2007; Gour et al, 2014; Qi et al., 2018; Qiang et al., 2008; Rahman et al., 
2020; Ramaraj et al., 2014; Xing et al., 2021). Microalgae are thallophytes, microscopic 
organisms which use chlorophyll a as their primary photosynthetic pigment and are con-
sidered as one of the oldest living organisms (Ramaraj et al., 2014; Brennan & Owende, 
2010). Algae can either be autotrophic or heterotrophic. For optimal growth of autotrophic 
algae, carbon dioxide, salts and light energy source are necessary while heterotrophic 
algae require organic compounds for their source of energy (Demirbas, 2008; Brennan & 
Owende, 2010). These organisms are known to have faster growth rate in bodies of water 
or ponds. Microalgae can be cultivated in open ponds, closed-loop systems and photobio-
reactors. Since they have shorter harvesting cycle and contain more lipids than macroalgae, 
they are a good source for biodiesel, butanol, gasoline, methane, ethanol, vegetable oil and 
jet fuel (Datta et al., 2019).

Microalgae as feedstock for third-generation biofuel production have been also receiv-
ing attention because of their ability to produce high amount of triacylglycerol (TAG), 
shorter generation time but rapid growth potential, and tolerance to environmental condi-
tions, higher acceptance of carbon dioxide, wide variety of sources and do not compete 
with food and land use (Sheehan et al., 1978; Chisti, 2007; Qiang et al., 2008; Datta et al., 
2019). Members of the genus Chlorella have always been used for mass cultivation because 
of their commercial use in the food and cosmetics industry. Chlorella have always been 
utilized for mass cultivation because of their significant features for biodiesel production 



1260 J. D. Carino, P. G. Vital 

1 3

and biomass recovery due to their high growth rate, photosynthetic efficiency and signifi-
cant oil content (Borowitzka, 2013; Liang et al., 2009; Van Vandamme et al., 2012). One 
species that is suitable for cultivation and exploration is C. vulgaris. This species contains 
compounds such as proteins astaxanthin, β-carotene and nutritional polyunsaturated fatty 
acids (PUFA) (Chacon-Lee & Gonzalez-Marino, 2010; Singh & Cu, 2010). C. vulgaris can 
also tolerate different conditions and have the capability to resist against invaders (Liang 
et al., 2009; Pauline et al., 2006). Under stress conditions, C. vulgaris can accumulate up to 
58% lipid content in the form of TAGs and is suitable for biodiesel production because of 
its fatty acid profile (Sarkar & Shimizu, 2015; Yeh & Chang, 2011).

However, despite these advantageous characteristics of the microalgae-derived biofuels, 
large-scale production is still difficult to achieve because of the higher need for agricultural 
development compared to traditional crops and the energy input for harvesting the algae 
comprise of 20–30% of the whole manufacturing process. Although there’s a wide range 
for the algae cultivation, cultivation requires large quantity of water, nitrogen and phospho-
rus (Cuellar-Bermudez et al., 2015; Datta et al., 2019). Aside from these, it is expensive 
and wild type microalgae have either high growth rate but low lipid content or high lipid 
content but slow growth rate. In order to bridge the gap with the high-cost production, 
majority of the studies done are focused on finding and characterizing an ideal microalgal 
species and improving their cultivation techniques and conditions (Liu et al., 2015; Shee-
han et  al., 1978; Vigeolas et  al., 2012). Promising oleaginous microalgae for large-scale 
lipid production must possess certain main characteristics: (1) fast growth rate; (2) robust-
ness; (3) high lipid content; (4) ability to survive under different environmental conditions; 
(5) ability to grow in low-cost media; (6) good cell flocculation/settlement properties; (7) 
ease of downstream processing and lipid extraction; and (8) ease of genetic manipulations. 
Majority of the wild type microalgal species cannot meet these characteristics that is why 
strain improvement strategies are being done (Saxena, 2015). Some of the highly explored 
techniques for strain improvement are random mutagenesis, adaptive laboratory evolution 
(ALE), and genetic engineering (Doan & Obbard, 2012). Random mutagenesis is one of 
highly explored strategies to attain high biomass and high lipid content in microalgal cells. 
Mutagenesis is a straightforward, inexpensive, requires little knowledge of the organism’s 
genetic information, biochemical pathways, genetic regulation, needs few technical manip-
ulations and the strains generated do not undergo strict legal concerns (Yen et al., 2013; 
Bellou et al., 2014; Nawrath & Wu, 2018; Ottenheim et al., 2018). This technique is car-
ried out by either exposing the organism to physical or chemical mutagens which cause 
alterations to the organism’s DNA. Physical method includes the exposure of organism to 
radiation such as X-rays, gamma and ultraviolet (UV) rays (Zayadan et al., 2014) or atmos-
pheric and room temperature plasma (ARTP). UV radiation at 250–290  nm can either 
induce deletion of A–T base pairs in the DNA or promote thymine dymers (Muthuraj et al., 
2019). On the other hand, chemical method such as ethyl methane sulfonate (EMS) and 
nitrosomethyl guadinine (Bird & Neuffer, 1987). This involves the use of chemicals which 
cause errors in base paring, deamination of purines and transitions, transversions, and 
frameshift mutations (Saxena, 2015). Compared to chemical mutagenesis, physical method 
of random mutagenesis such as UV mutagenesis rapid, effective and safe to environment. 
UV mutagenesis is a good method for microalgae breeding because it is flexible, can be 
easily manipulated and does not need genetic information of the target organism. de Jaeger 
et al. (2014) demonstrated an accumulation of 45% w/w triacylglycerol (TAG), a precursor 
in biofuel production, from starchless mutants of microalga Scenedesmus obliquus. Gener-
ally, starch and TAG have the same carbon precursor, the C3 pool, such as 3-phosphoglyc-
erate (3PG) and glyceraldehyde 3-phosphate (GAP). Starch serves as the primary energy 
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source while TAG is the secondary energy and electron sink (Hu et  al., 2008). It was 
hypothesized that when the pathway of starch formation is blocked hence, TAG accumula-
tion is enhanced. This was confirmed by the studies of (Li et al, 2010; Wang et al., 2009; 
de Jaegar et al., 2014; Breuer et al., 2013; Tran et al., 2019). While several studies have 
demonstrated the use of UV mutagenesis in improving algal lipid production, mechanism 
of TAG accumulation is yet to be understood and majority of studies just demonstrated that 
UV mutagenesis can just either improve the biomass or the lipid content for the microalgae 
(Fang et al., 2013; Liu et al., 2015; Srinivas & Ochs, 2012).

In this study, our goals were to investigate and explore the potential enhancing effects 
of random UV mutagenesis on growth, lipid production, and TAG production using indig-
enous C. vulgaris. It is our aim to screen and isolate potential starchless mutants, generated 
from the random UV mutagenesis, with good quality growth performance and increased 
lipid and TAG content. This study also demonstrated simple experimental design and low-
cost materials. Lastly, because Philippines is a developing country and in need of alterna-
tive renewable resources, our study is the first in the country that will be beneficial for the 
exploration for an additional alternative source of energy using indigenous microalgae.

2  Methodology

2.1  Cultivation of Chlorella vulgaris

Majority of the chemicals used in the experiments were analytical grade. C. vulgaris, strain 
ACC-UPLB-MNH CL1, was obtained from the Phycology Laboratory at the University 
of the Philippines Los Baños, Laguna, Philippines. The microalgae were placed in sterile 
Erlenmeyer flasks and maintained in BG-11 medium (Table 1). Summary for the general 
methodology of the study is illustrated in Fig. 1. The flasks containing microalgae were 
placed in an indoor algae cabinet and maintained at a temperature of 25 (± 2)°C under 
a 12:12-h alternate light/dark photoperiod using two white fluorescent lights (40  μmol/
m2/s intensity). The cultures were continuously aerated for the entire culture period (Taya-
ban et al., 2017) and were shaken five times daily or as needed to avoid the clumping of 
microalgal cells. The cultures were maintained and subcultured until mother cultures were 
established.

2.2  Screening and isolation of mutants

Algal samples with cell density of 2 ×  105 cells/mL were prepared by standardizing the cell 
density of the mother algal culture at the exponential phase (2.5 ×  106 cells/mL) using cell 
counting method. Ten milliliters of the standardized microalgal samples were collected. 
To determine the proper time of UV exposure, 0.1 mL aliquots were spread plated onto 
BG-11 agar medium using sterile L-shape glass rod and air dried for 30 min. Then, algal 
cells were exposed under UV light inside a Class II Biosafety Cabinet (ESCO, Singapore). 
The distance of the plates below the UV lamp was set at 40 cm. Exposure time was meas-
ured from 0 to 10  min with an interval of 30  s. The intensity of UV irradiation for all 
setups was sustained by providing uniform distance and wavelength at each different expo-
sure time. After each timepoints, the UV irradiated plates were immediately covered with 
foil and kept in the dark overnight to prevent light-induced DNA repair via photoreactiva-
tion. Afterwards, plates were placed under light incubation for 2–3 weeks or until there 
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are visible colonies (Darunsart, 2014). Fatality rate (FR) was determined through colony 
counting method using hemocytometer (Neubauer chamber, Marienfeld, Germany) and 
calculated using the formula:

Exposure time with fatality rate of 75–90% was chosen (Liu et al., 2015). After determin-
ing the proper UV exposure time, mutant colonies were initially screened based on their 
size and color. Larger colonies and greener colonies were chosen and streaked onto BG-11 
agar medium. Then, each of these colonies was further screened through iodine staining 
method to determine potential starch-deficient mutants (which were designated as “cvm”). 
Colonies that exhibited lighter color compared to the wild type were selected for mass cul-
tivation. Selected mutants were upscaled in sterile Erlenmeyer flasks with BG-11 medium 
under two white fluorescent lights with 40 μmol/m2/s intensity and 12:12-h light and dark 
incubation. All cultures were aerated and maintained at 25 (± 2)°C until mother cultures 
for each starchless mutants have been established.

2.2.1  Growth analysis

Algal samples of wild type and mutants were standardized to attain 1 ×  106 cells/ mL and 
maintained under the abovementioned conditions for 7 days for analysis. For growth curve 
analysis, 1 mL of the algal samples was collected and placed in a 1.5 mL microcentrifuge 
tube. A total of 10 µL were pipetted out and transferred into a hemocytometer (Neubauer 
chamber, Marienfeld, Germany) for cell counting. Cell density of each sample in triplicates 
was calculated using the formula:

FR(%) =
# of viable colonies before mutation − # of viable colonies after mutation

# of viable colonies before mutation
× 100

Table 1  BG-11 medium components used in cultivation of Chlorella vulgaris

Macronutrients Stock solution concentration 
(g/200 mL)

Final concentration 
(mM)

Amount 
(mL/L)

Sodium nitrate 30 17.6 10
Dipotassium hydrogen phosphate 0.8 0.23 10
Magnesium sulfate pentahydrate 1.5 0.3 10
Calcium chloride dihydrate 0.72 0.24 10
Sodium carbonate 0.4 0.19 10
Disodium magnesium EDTA 0.02 0.0027 10
Citric acid 0.12 0.031 10
Ferric ammonium citrate 0.12 0.021 10

Trace metals Amount (g/1 L) Final concentration (mM)

Boric acid 2.86 46
Manganese(II) chloride tetrahydrate 1.81 9
Zinc sulfate heptahydrate 0.22 0.77
Sodium molybdate dihydrate 0.39 1.6
Copper(II) sulfate pentahydrate 0.079 0.3
Cobaltous nitrate hexahydrate 0.0494 0.17
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Cell density of each algal samples (Log10) was plotted against time (days). Then, maxi-
mum specific growth rate per day (µmax,  d−1) was determined using the equation below:

where µ represents the specific growth rate per day; t2 and t1 are the final and initial time 
and N2 and 11 are the final and initial cell densities. Doubling time (Td) and doublings per 
day (K; number of divisions per day) were also calculated using the following formulas:

Cell density(cells/mL) =
Average no. of cells per square × DF

Volume of the square
(

0.1mm3
)

�max =

ln
(

N2

N1

)

t2 − t1

Td =
ln 2

�max

K =
�max

ln 2

Fig. 1  Flow diagram of the methodology for the UV irradiation, mutant selection and analysis
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For the determination of the dry biomass, a total of 10 mL per algal sample were harvested 
from day 0 and day 7. These were filtered using a pre-weighed filter paper (Whatman No. 
2) and dried overnight inside an oven incubator at 37 °C. Formula used are as follows:

2.2.2  Total lipid extraction and quantification by gravimetric method

After 7 days of cultivation, wild type and mutants’ algal cells were harvested and centri-
fuged at 3000 rpm for 10 min. The cell pellets were placed in − 20 °C freezer for 48 h and 
lyophilized. All chemicals used for the total lipid extraction were analytical grade. Extrac-
tion was accomplished by following the protocol of Breuer et al. (2013) with few modi-
fications. A total of 15 mg of lyophilized algal cells were placed in a bead beating tube 
containing 4:5 (v/v) chloroform: methanol with 50 mg/L heptadecanoic acid to avoid lipid 
losses. Tubes were vortexed 8× at 2400 rpm for 1 min, with a 2-min interval between each 
beating. The resulting solution and beads were transferred into a clean glass test tube cov-
ered with a heat resistant screw cap. To recover all lipids, bead beating tubes were washed 
twice with 1  mL chloroform:methanol with heptadecanoic solution. Samples were vor-
texed for 10 s and sonicated for 10 min at 45 °C. Subsequently, 2 mL ultrapure water and 
1 mL 0.01% BHT were added. The solution was then centrifuged at 3000 rpm for 5 min. 
Chloroform phase (bottom) was collected using a glass pipette and transferred into a pre-
weighed vial. Extraction of lipids was repeated 2× with 1  mL chloroform. Pre-weighed 
vials containing the extracted lipids were oven-dried overnight and dried lipids were meas-
ured gravimetrically:

2.2.3  TAG extraction by solid phase extraction and gravimetric quantification

A total of 10 mg of dried lipids was dissolved in 250 µL HPLC grade hexane. TAGs were 
purified using Solid Phase Extraction kit (Phenomenex, USA). Each cartridge was pre-
washed with 6 mL hexane before loading the sample. TAGs were eluted with 10 mL of 
87:13 (%v/v) hexane:diethyl ether. Collected TAGs were placed in pre-weighed vials and 
let dried overnight. TAG content was calculated using the formula:

2.2.4  In situ visualization of intracellular lipid bodies by Nile red assay

Lipophilic dyes such as the Nile red (9-diethylamino-2-hydroxy-5H-benz[alpha]phenox-
azin-5-one) are widely used to visualize intracellular lipid bodies by binding to neutral 

Biomass (g/L) =
Final weight(g) − Initial weight (g)

Volume(L)

Biomass productivity(mg/L/day) =
Dry cell weight (mg/L)

t(day)

Lipid content(%) =
Weight of lipid(g) × 100

dry cell weight(g)

TAG content(%) =
Weight of TAGs(g) × 100

dry cell weight(g)
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lipids. In this experiment, Nile red assay was performed following the protocol of Chen 
et al. (2011). After 7 days cultivation, 1 mL of algal cells was collected into 1.5 mL cen-
trifuge tubes and centrifuged at 3000 rpm for 10 min. Then, 50 µL of DMSO was added 
and tubes containing the solution were placed inside a microwave set at high for 1 min to 
dissolve the polar lipids and destroy the membranes. Simultaneously, 935 µL of pure water 
and 10 µL Nile red dye were added and heated in the microwave for 1 min. For the image 
analysis, 10 µL of the algal cells-Nile red solution was placed in a clean glass slide and 
covered with cover slip. The slides were examined at 100× magnification with a fluores-
cence microscope (Olympus BX43F with 365/10 excitation, 420LP emission, and 400LP 
dichroic mirror, and 120 W mercury vapor arc lamp; Shinjuku, Tokyo, Japan).

2.2.5  Data analysis

Data were expressed as mean ± standard deviation. Statistical analysis was performed using 
GraphPad Prism version 9.1.0. (GraphPad Software, San Diego, CA, USA) software. The 
means of each mutant in triplicates were compared to the wild type using one-way analysis 
of variance (ANOVA). Values were significantly different when p < 0.05.

3  Results and discussion

3.1  UV‑irradiation and mutant selection

This study aims to explore the influence of random UV mutagenesis to produce starch-
less mutants of indigenous microalgae C. vulgaris with high growth rate, lipid and TAG 
content that would be beneficial for future biofuel research. In this study, fatality rate 
of 75–90% has been indicated to have a significant mutagenic impact in algal cells (Liu 
et al., 2015). As observed in Fig. 2, the fatality rate increased from 84% upon exposure 
to UV light after 0.5  min. Subsequently, it abruptly increased to 99% after 1  min of 
exposure and no colonies were observed from 1.5 to 10  min. This indicates that the 
longer exposure time to UV, the more lethal it is to the microalgal cells. Microalgal 
cells that remained viable after the exposure to UV usually have an altered genetic 
code for reprogrammed metabolic and biosynthetic activity (Parekh et  al., 2000). UV 
mutagenesis technique can cause mutations such as transversion, deletion, frameshift 

Fig. 2  Exposure of Chlorella 
vulgaris cells to UV light at dif-
ferent timepoints. Fatality rate of 
84% at 0.5 min was established 
through colony counting method. 
Error bars represent standard 
deviation of triplicate samples
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and GC → AT transitions (Parekh et al., 2000) that affect the growth, photosynthesis, 
biochemical composition, nutrient uptake, reproduction and other physiological pro-
cesses in the organism (Hader, 2006; Helbling et al., 2001; Hughes, 2006; Shelly et al., 
2005; Wong et al., 2007). UV-C with a wavelength of 253.7 nm was used in this study 
to induce mutagenesis. It is believed that UV-C has more energetic radiation and has 
significant effects on microalgae (Sharma et al., 2014). The said wavelength gave higher 
possibility of DNA damage in the organism and therefore higher chance of induced 
mutation. It has also been noted that the irradiated C. vulgaris cells were kept in the 
dark for 24 h before incubating under the light. This is because DNA replication errors 
are more frequent, hence, causing various mutations in the organism (Vaulina et  al., 
1978). Exposure duration of 0.5 min with fatality rate of 84% was chosen which is also 
in consideration of the cell activity for the succeeding mass cultivation and analyses.

Approximately 872 colonies were obtained after the UV irradiation and 104 of these 
were initially selected visually based on colony size and color for the succeeding screen-
ing test. Since the goal of the study is to produce a highly productive strain, only larger 
and green color colonies were taken into consideration. These were then replicated onto 
BG-11 agar and were screened for the absence of starch using iodine staining method. 
Initially, 13 colonies that showed the lightest color compared to the wild type were 
selected and upscaled. However, 11 of these showed poor growth performance, discol-
oration and frequent clumping of cells during the cultivation period which might be due 
to the mutation that affected their growth. Aside from this, it is believed that exposure 
to UV-C radiation induces programmed cell death (PCD) (Danon & Gallois, 1998) and 
this might be the cause of the inability of the mutant algal cells to proliferate when cul-
tivated. In addition, there is also a reduction in the capacity of the microalgae to absorb 
macronutrients (Hessen et al., 1997) that are responsible for biochemical changes in the 
microalgae (Khozin-Goldberg & Cohen, 2006). Nevertheless, there were two mutants, 
designated as cvm5 and cvm6, that showed promising growth performance. As shown 
in Fig. 3, wild type (WT) cells showed dark brown violet color while cvm5 appeared 
to be greenish brown and cvm6 as yellowish brown. For this experiment, the change of 
color from the usual dark to a lighter one is considered to have lesser starch, however, 
starch content was not measured in this study (Sirikhachornkit et  al., 2016). Screen-
ing and isolation of potential starchless mutants after the UV irradiation technique was 
done since it is believed that when the pathway of starch formation is blocked, TAG 
molecules is enhanced (Li et al., 2010; Wang et al., 2009). de Jaeger et al. (2014) suc-
cessfully isolated starchless mutants of freshwater microalga S. obliquus through ran-
dom UV-mutagenesis which exhibited enhanced lipid accumulation. Most studies that 
involve the increase accumulation in starchless mutants had emphasized the increased 
in carbon allocation toward lipid metabolism. In addition, the increase peroxidation in 
algal cells with impaired starch metabolism may also trigger lipid buildup (Tran et al., 

Fig. 3  Mutant selection through iodine staining method. Isolates that exhibited the lightest color compared 
to the wild type were selected. Isolates cvm5 and cvm6 showed greenish brown and yellowish brown, 
respectively. The light color indicates reduction in starch
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2019). Direct effect of UV mutagenesis in the starch and lipid pathway is still yet to dig 
deeper. Still, this is an important and crucial step for our succeeding measures.

3.2  Growth analysis of wild type and mutants

After the mutant selection and establishment of cultures was attained by maintaining 
each under uniform conditions (Fig.  4). For their growth performance analysis, cells 
were standardized to 1 ×  106 cells/mL and were then monitored for 7  days. It is also 
important to take note that all cultures received uniform amount of light, air and tem-
perature. Growth curve was generated by plotting the cell density (Log10) against 
time (days). As shown in Fig. 5, algal cell count of cvm5 and cvm6 were significantly 
enhanced compared to the WT (p < 0.05). cvm5 recorded its highest cell count with 
2.08 ± 0.23 ×  107 cells/mL while of cvm6 with 2.33 ± 0.13 ×  107. This is a > 2.8-fold 
and > 3.2-fold increase compared to the WT with 7.28 ± 0.81 ×  106 as it highest recorded 
cell concentration. WT C. vulgaris entered the exponential phase at d2 and extended up 
to d5. It can be noted that WT setup gradually reached stationary phase at d6. On the 
other hand, cvm5 and cvm6 started their exponential phases at d1 and d2, respectively. 

Fig. 4  Cultures were maintained under 25 (± 2)°C with 12:12-h alternate light/dark photoperiod using two 
white fluorescent lights (40 μmol/m2/s1 intensity) and with continuous aeration

Fig. 5  Growth curve of C. vulgaris WT, cvm5 and cvm6 after 7  days of cultivation in BG-11 medium. 
Cultures were optimized at initial cell density of 1 ×  106 cells/mL. Growth curve was plotted as cell concen-
tration (Log10) against time (days). Plotted values are the average cell density ± standard deviation (n = 3)
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Isolate cvm5 immediately increased in cell count on d1 and progresses until day 7 while 
cvm6 abruptly decreased in cell concentration at the end of the cultivation period. It 
can be observed that all setups have no lag phases, and this may be due to the sufficient 
nutrient supply in the initial days of the cultivation period. Maximum specific growth 
rate signifies the specific growth rate during exponential growth (Doran, 2013). On the 
other hand, doubling time is the expected amount of time  (d−1 or  h−1) it takes for a given 
population to double in size. Presented in Table 2 are the growth parameters measured 
in this study. Only the cvm5 showed statistically significance in terms of maximum 
growth rate, doubling time and doubling per day compared to the wild type (p < 0.05). 
As supported, results showed that the growth rate of cvm5 (µ = 0.601) has increased 
by > 1.47-fold as compared to the WT (µ = 0.409). Significant difference can also be 
observed between the two mutants. Though cvm6 showed no significance in comparison 
to the wild type, its growth rate (µ = 0.427) was still enhanced by > 1.04-fold. Though 
not measured in this study, increase of Chl-a components can also be considered why 
cvm5 and cvm6 showed high cell density and fast growth rate. Usually, higher Chl-a 
content leads to the enhancement of photosynthesis and speeding up of cell division 
process (Liu et  al., 2015). Looking again at Table  2, biomass of the two mutants in 
this study has significantly lower biomass compared to the WT (0.421 ± 0.069). cvm5 
decreased in biomass by > 1.2-fold while cvm6 by > 1.3-fold. In addition, biomass pro-
ductivity of cvm5 (25.3 ± 0.045) and cvm6 (27.3 ± 0.029) showed comparably decline in 
contrast with the WT. The differences between the total biomass and biomass produc-
tivity of WT and mutants were both significant at p < 0.05. It can be observed that the 
two mutants have relatively higher cell concentration and growth rate compared to the 
WT, however, their biomass are still compromised. One reason to be taken into consid-
eration would be the difference in their cell sizes. It was noticed that cvm5 and cvm6 
are smaller in size compared to the WT. This might be due to the random mutagenesis 
employed which caused physiological and morphological changes in the mutants. Reed 
Mariculture (n.d.) stated that there is a huge difference in cell biomass that is brought 
about by the small difference in cell size and an increase in 10% in diameter would mean 
33% increase in the biomass. Additionally, the results of the study conducted by Abonyi 
et al. (2020) also suggest that decrease in algal size limits algal biomass production.

Table 2  Maximum specific growth rate, doubling time, doubling per day, biomass and biomass productivity 
of C. vulgaris wild type (WT), cvm5 and cvm6

Values are the average ± standard deviation (n = 3)

Cultures Specific growth 
rate (µmax,  d−1)

Doubling time (Td) Doubling per day (K) Biomass (g/L) Biomass pro-
ductivity mg/L/
day

WT 0.409 ± 0.033 1.703 ± 0.133 0.590 ± 0.047 0.421 ± 0.069 40.6 ± 0.040
cvm5 0.601 ± 0.083 1.167 ± 0.150 0.867 ± 0.120 0.330 ± 0.023 25.3 ± 0.045
cvm6 0.427 ± 0.026 1.629 ± 0.096 0.615 ± 0.037 0.318 ± 0.024 27.3 ± 0.029
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3.3  Lipid and TAG content analysis of WT, cvm5 and cvm6

3.3.1  Effects of UV in lipid and TAG content, carbon allocation

Biofuel production from microalgae is divided into four stages: (a) cultivation, (b) har-
vesting, (c) lipid extraction and transesterification for biodiesel production and (d) fermen-
tation, starch hydrolysis and distillations for bioethanol production (Milano et al., 2014). 
Lipids and fatty acids are extracted from the biomass and solvents such as hexane and etha-
nol are used and 98% of purified fatty acids can be potentially obtain in this procedure 
(Richmond, 2004). Lipids have two types: storage lipids (nonpolar lipids) and structural 
lipids (polar lipids). Storage lipids are mainly in the form of triacylglycerol (TAG) while 
structural lipids are seen in algal membranes. TAGs can be transesterified to produce bio-
diesel (Durrett et  al., 2008). In this study, the total lipids and TAG content of the WT, 
cvm5 and cvm6 were determined. Several methods can be used in quantifying lipids. Fluo-
rescent dyes such as the 9-diethylamino-2-hydroxy-5H-benz[alpha]phenoxazin-5-one Nile 
Red (NR) are commonly used in staining intracellular lipid globules and in indirect meas-
urement of lipid content in microalgae. A result of red to yellow color can be observed 
under a fluorescent microscope or flow cytometry (Diaz et al., 2008; Rumin et al., 2015). 
Presented in Fig. 6 are some of the representative fluorescence microscopy images of intra-
cellular lipid bodies after the 7-d cultivation period. Lipid bodies were apparently abundant 
especially in cvm5 wherein the cells are 50–70% covered with lipid bodies. Cvm6 and WT 
were also covered with lipid bodies of around 30–40% of the cells. Moreover, most of the 

Fig. 6  Left to right: Bright field 
microscopy. Lipid fluorescence 
(Nile Red), a WT, b cvm5 and 
c cvm6
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cells of the two mutants showed some morphological changes such as smaller in size and 
cell shape distortions. WT cells are larger and darker in color compared to cvm5 and cvm6. 
Generally, there is a balance between the pigment content of algae. However, if mutagenic 
agent has been introduced, this balance would exchange in either direction (Zaydan et al., 
2014). Since this method was done for qualitative analysis only, lipid and TAG content 
were quantified gravimetrically. Data revealed that the increase in lipids between the WT 
and cvm5 were significant at p < 0.05 (Fig. 7a). Total lipids of the WT C. vulgaris con-
stitute 58% of the total dry weight. Lipid content of the cvm5 significantly increased by 
17% (> 1.3-fold increase) compared to the WT. Isolate cvm6 with 50% total lipid content 
showed no significant difference with the WT and showed considerably lower lipid content 
compared to the cvm5. Microalgae accumulate and store neutral lipids in the form of tria-
cylglycerols (TAGs) (Zhu et al., 2016). TAGs are preferred for biodiesel production due to 
their high content (%w/w) of fatty acids (glycerol backbone with three fatty acids). In addi-
tion, the absence of other chemical constituents besides glycerol, compared to phospho-
lipids or glycolipids, make them good precursor of biodiesel (Breuer et al., 2013). In this 
study, cvm5 TAG content was enhanced and constitute 48% the dry cell weight (p < 0.01) 
while cvm6 constitute 41% (p < 0.05). These were > 1.4-fold and > 1.2-fold increase com-
pared to the 34% TAG content of the wild type C. vulgaris (Fig. 7b). Genetic modification 
in microalgal cells can change certain cellular metabolic pathways. This can enhance or 
reduce specific metabolite production that may lead to increase lipid accumulation. One 
technique is by altering the starch biosynthesis pathway (Tran et al., 2019). de Jaeger et al. 
(2014) successfully isolated starchless mutants through random UV irradiation technique 
which exhibited enhanced lipid content accumulation. It was also hypothesized that when 
the pathway toward starch production is impeded, carbon and energy flux toward TAG 

Fig. 7  a Total lipid content and b TAG content (%) of WT, cvm5 and cvm6 after 7  days of cultivation. 
a Error bars are ± SD (n = 3); b n = 2. *Signifies a significant difference calculated by one-way ANOVA 
(p < 0.05); **Significant (p < 0.01); ns not significant
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production is improved. This was confirmed by the results of Li et al. (2010) studies where 
TAG content of the starchless mutants increased from 0.5 to 20.5% (% of DW). Increase in 
lipid accumulation can also be attained when algal cells with impaired starch metabolism, 
which is due to random UV mutagenesis, the cells need to cope with elevated oxidative 
stress. Increase in ROS levels and as autophagy inducers may trigger lipid biosynthesis in 
mutants (Tran et al., 2019). These coincide with our results wherein both lipid and TAG 
yields were improved in the UV-generated mutants, most especially with the cvm5.

4  Conclusion

Based on the results obtained, random mutation through UV-C irradiation is a good 
technique for the alteration of cellular behavior toward the generation of starch-deficient 
mutants of C. vulgaris. Moreover, this leads to higher growth rate, increase in total lipid 
and TAG content of the microalgae. To our knowledge, this is the first in the country to 
deal with this type of study. These findings highlights the potential of the isolated mutants 
for future in-depth study and strain development to be used for biofuel application in the 
future.
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