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A Dynamically Degradable Surface: Can 
We ‘Fool’ Bacteria to Delay Biofouling 
in Urinary Stents?

Syed A. M. Tofail

1 � Introduction

Human body has evolved multiple strategies such as the development of a complex 
immune system and procurement of commensal microorganisms to deal with detri-
mental invasion by microbes. Despite this, biofilms pose an extremely difficult 
mechanism for humans to cope with infections caused by both pathogenic and 
opportunistically pathogenic microorganisms.

Ureteral stents are deployed using minimally invasive procedures in patients to 
prevent or treat the blockage of the flow of urine during or after treating kidney 
stones, tumours or other urinary incontinence. Paradoxically, the surface of a stent 
also offers a breeding ground for the adhesion and colonisation by uropathogens 
that create biofilms.

Biofilms on these stents can lead to patient-discomfort, urinary tract infection 
and bacteriuria, antimicrobial resistance, stent fouling (encrustation) and obstruc-
tion. Ultimately, these stents may require extracorporeal shock wave lithotripsy, 
ureteroscopy or even more invasive techniques for removal. While an ‘ideal’ ure-
teral stent should be free from any such complications. There is no ‘ideal’ ureteral 
stents, however.

A ‘perfect’ ureteral stent should be well tolerated by the patient while ensuring 
optimal urine flow, resistance to infection, corrosion and encrustation. Prevention 
and treatment of biofilms are thus crucial for long-term patency of ureteral stents 
and similar indwelling devices. ‘Real stents’ seldom have these and may need extra-
corporeal shock wave lithotripsy, ureteroscopy or even more invasive techniques for 
removal. These post-stenting procedures cause patient trauma and add to the cost of 
healthcare.
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One of the major problems associated with indwelling devices is that they pres-
ent novel, non-host surfaces on which microbes can colonise and form biofilms. 
Biofilms, especially those formed in a nutrient-limiting environments, are complex, 
highly structured communities designed to maximise survival, reproduction and 
spread of the microorganism/s. The type of biofilm that will form largely depends 
on the properties of surface and the microorganism/s present, the ability of the sur-
rounding milieu to support and inhibit the growth of microorganisms and the rela-
tionship the microorganisms have with each other. It is being now recognised that 
biofilm formation constitutes an ‘intelligent’ behaviour that involves cell-cell com-
munication such as quorum sensing rather than a matter of a complex architecture. 
However, the complex three-dimensional architecture that biofilms often protects 
microorganisms from curative treatments e.g. through antimicrobial drugs.

Currently, biofilm prevention and treatment in ureteral stents are carried out 
using a ‘static’ coating of the stent with heparin or a pH control-buffer. They increase 
patency but still becomes colonised by bacteria leading to biofilms. In this chapter 
we outline a patent-pending first-principle design strategy for a stent-coating stents 
that has the potential of increasing the patency by manifold and, at will. This strat-
egy involves delaying biofouling with a ‘dynamically degradable surface’ and will 
be described in this chapter.

2 � The Surface, Biofilms and Response to Antibiotics

Microorganisms are long known as capable of attaching to and grow on surfaces 
exposed to them [1, 2]. Surface-associated microorganisms have exhibited a distinct 
phenotype with respect to gene transcription and growth rate when compared to 
their free-floating planktonic counterpart [3]. These adherent-microorganisms can 
elicit specific mechanisms for initial attachment to a surface, development of a com-
munity structure and ecosystem, and detachment [4].

A microbial biofilm can be broadly defined as microorganisms adherent to a 
surface and enveloped within a polymeric matrix, typically comprising exopolysac-
charide and proteins that develops into a complex community. The composition is 
often heterogeneous with water channels occurring between matrix-enclosed micro-
organisms in stalk- or mushroom-like structures. The structure is also a dynamic 
one and may include single or multiple microbial species.

Biofilms have been identified in virtually every system in the human body espe-
cially involving mucosal surface. Indwelling devices for example artificial joints, 
urinary catheters and stents, heart valves, biliary stents are also highly susceptible to 
biofilm formation. In 2004, the Centres for Disease Control and Prevention (CDC) 
reported that approximately 65% of all infections in developed countries are caused 
by biofilms [5].

The growth of a biofilm almost always leads to a large increase in resistance to 
antimicrobial agents compared with cultures grown in suspension (planktonic) in 
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conventional liquid media, with up to 1000-fold decreases in susceptibility. This 
poses a huge clinical problem as our current tools for fighting against infections are 
heavily dependent on the use of antimicrobial agents. The complex three-
dimensional architecture of a biofilm, especially an extracellular polymer matrix 
with occasional biomineralisation makes it difficult to for antimicrobials to access 
the infection-causing microbes and destroy them.

Biofilms start with a conditioning film that leads to subsequent accumulation of 
organic and inorganic molecules [6–11]. The conditioning films alter the nature of 
the device surface and facilitate bacterial adhesion. After adhesion, the biofilm is 
formed by materials offered by the specific environment as well as extracellular 
polymeric substances produced by the microorganism. Bacteria can adhere to this 
initial biofilm and initiate the infection process.

Three mechanisms have been proposed to explain the general resistance of bio-
films to antimicrobial agents [12, 13]:

the barrier properties of the slime matrix;
the creation of starved, stationary-phase dormant zones in biofilms; and
the existence of subpopulations of resistant phenotypes, which have been referred 

to as ‘persisters’.
It is important to note that the eradication of infection by antibiotic treatment 

requires elimination of all the bacteria, typically assisted by the host defences. 
Specifically, biofilm-resistance can be determined by the susceptibility of the most 
resistant cells. The inhabitants of biofilms may be up to a thousand times more 
resistant to antimicrobial therapy than free-floating bacteria of the same species 
[14]. There is significant heterogeneity within biofilms, however, and it is not the 
case that all cells within a biofilm are always highly resistant to antimicrobial drugs. 
For example, planktonic cells that are derived from these biofilms are, in most cases, 
fully susceptible to antibiotics. Also, biofilms do not actually grow in the presence 
of elevated concentrations of systemically administered antibiotics.

Cells in the biofilm are slow-growing, and many are likely to be in the stationary 
phase of growth due to a nutrient-starving enveloped ecosystem. A small sub-
population of cells (persisters) remain alive irrespective of the concentration of the 
antibiotic and the number of these persisters is greater in the non-growing stationary 
phase [15]. Lewis believes that the problem of antimicrobial resistance of biofilm is 
related to the presence of persisters [15].

Cells, whether they are rapidly dividing, slow- or non-growing cells in a bio-
film, are generally susceptible to bactericidal agents such as fluoroquinolone anti-
biotics or metal oxyanions [16, 17]. Antibiotic treatment will kill most biofilm and 
planktonic cells, leaving persisters alive. The immune system can kill remaining 
planktonic persisters and bacteriostatic antibiotic-treated non-growing cells. 
Biofilm exopolymer matrix, however, protects persisters and non-growing cells 
against immune cells against both antibiotic treatment and the immune system 
[18–20]. Persisters can repopulate the biofilm and shed off new planktonic cells 
when the concentration of antibiotic drops off. This will cause a relapse of biofilm 
infection.
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3 � Biofouling of Ureteral Stents

Microbial ureteral stent colonisation and subsequent development of biofilm is a 
multistep process starting with the formation of a conditioning film made of host 
proteins, electrolytes, and other substances [21]. The surface of any foreign material 
or object introduced to the urinary system can become coated with a biofilm com-
posed of glycoproteins, matrix and exopolymers. This can take place within a few 
hours [22]. Nearly half to two-thirds of stents removed from patients displayed bac-
terial colonies [23] with over one-fifth of these patients had required treatment for 
bacteriuria infection [24, 25]. Most of these stents (75–100%) that were indwelling 
for a period of longer than 3 months had shown the highest rate of colonization, 
which could not be treated with systemic administration of oral antibiotics. All 93 
stents from patients became colonized with bacteria despite antibiotic prophylaxis. 
Oral administration of common antibiotics such as fluoroquinolones, ciprofloxacin 
and ofloxacin, has not been proven to reduce colonization or infection despite being 
present at the stent surface at a dose level that has been sufficient to inhibit bacterial 
growth [26, 27]. Encrustation and bacterial colonization of stents and urinary cath-
eters are problematic and may lead to further morbidity such as infection, sepsis or 
renal failure [28, 29]. Undetected biofilms may serve as a reservoir for microorgan-
isms. During stent manipulation or instrumentation, biofilm pathogens could be 
shed into the urine and lead to bacteriuria or funguria or even to life-threatening 
urosepsis [30].

In a recent systematic review, Zumstein et al. thoroughly investigated the inci-
dence, clinical impact and prevention of biofilm formation on ureteral stents [7]. 
According to the review, the conditioning film may form due to contact of the stent 
material with body fluids such as urine and blood, and uroepithelial tissue. 
Glycosylated uroepithelial cell–surface proteins such as cytokeratin, blood proteins 
such as haemoglobin and fibrinogen, and inflammatory proteins appear to be 
involved in conditioning film formation in the first 72 h after insertion. The condi-
tioning film proteins are believed to facilitate the adsorption of various molecules 
such as collagen, fibrinogen and albumin from the surrounding fluids and tissues, 
which then alter the surface of the ureteral stent and may allow microorganisms 
attachment for which urinary pH, ionic strength, and electrostatic and hydrophobic 
interactions play an important role. Other adhesion strategies such as adhesion to 
secreted bacterial extracellular polymeric substances may also contribute to 
conditioning-film formation.

Five different proteins, namely, alpha-1 antitrypsin, immunoglobulin kappa (Ig 
kappa), immunoglobulin heavy chain G1 (IgH G1), histones H2b, and H3a are pres-
ent in high numbers in encrustations and biofilms. Pseudomonas aeruginosa and 
Proteus mirabilis secrete urease, which increases the urine pH resulting in the pre-
cipitation of struvite and hydroxyapatite crystals, adhesion factors, transporters, 
transcription factors and enzymes. Complex biofilm structures are formed in the last 
stage of stent biofilm development. Colonies of bacteria are dispersed within spaces 
filled with fluid and open water channels that allow the transport of oxygen and 
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nutrients to assure further cellular growth. Ureteral stent biofilms comprise of 
10–25% cells and 75–90% of exopolysaccharide matrix characterised by a rough, 
and often mineralised, surface. Calcium oxalate and struvite dominate the miner-
alised biofilm. Enterococcus faecalis and E. coli are common pathogens colonising 
on ureteral stents [31]. Bacteria expressing urease, such as Proteus spp., Providencia 
or Pseudomonas, are also involved and can induce rapid growth of biofilms. Other 
bacteria that have been associated with stent biofilm formation are Staphylococcus 
and Edwardsiella spp.

As regard to the indwelling timeline, the review found that bacterial colonisation 
of stent was detectable 2 weeks after implantation, and that stent colonisation pre-
cedes urine colonisation. One study described an encrustation rate of 27% in 
< 6 weeks, 57% between 6 and 12 weeks, and 76% in > 12 weeks [32]. This com-
pares with another study that reported a colonisation rate of 24% in < 4 weeks, 33% 
between 4 and 6 weeks, and 71% in over 6 weeks of indwelling time [33]. As it has 
been previously discussed, Riedl et al. reported 100% ureteral stent colonisation in 
permanently stented patients (mean stent indwelling time 39.5 days or 5–6 weeks) 
and 69% in the temporarily stented (mean 11 days or less than 1.5 weeks). The 
above also compare with a retrospective study of severely impacted ureteral stents 
requiring advanced removal procedures that found 43% and 76% of the stents had 
become encrusted within 4 months and 6 months respectively [34]. Patient risk fac-
tors such as diabetes mellitus, chronic renal failure and diabetic nephropathy can 
lead to a shorter stent indwelling times due to a significantly higher risk of colonisa-
tion and bacteriuria [35].

4 � Resisting Biofouling of Ureteral Stents: Current 
and Emerging Approaches

New biomaterials, coatings and drug-eluting stents have been designed to reduce 
biofilm formation and subsequent infection and encrustation. Chew et al. have elab-
orated these approaches in terms of stent design, materials and coatings. The gen-
eral strategy of protecting such stents from biofouling involved electronegative 
coating using heparin or a pH-buffer coating. Adhesion and colonisation by a mul-
tiplex of uropathogens (P. mirabilis, E. coli, S. Aureus among others) hosted within 
an extracellular polymeric matrix nourish and protect the pathogens at the later 
stages of biofilm formation.

Zumstein et  al. summarises current state of the coating approaches. Heparin, 
hydrogel-based and diamond like coatings are commercially available as 
Radiance™, Hydroplus™, and VisioSafe DIAMOND™ coatings [7]. Oxalate 
degrading enzyme coatings and nanoscale body coatings are yet to be commer-
cialised. So far, preventing and treating biofilms on ureteral stents have been chal-
lenging due to the conditioning film compromising the effectiveness of passive 
coatings (heparin, pH buffer-coat) and the involvement of multiple bacterial 
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species. Although heparin-coated stents significantly reduced ureteral stent encrus-
tation and offered a 12 months indwelling, no positive effect against bacterial adhe-
sion was seen [36, 37]. In the past, hydrogel-based coatings raised expectations that 
they would effectively inhibit hydroxyapatite encrustation and bacterial biofilm 
colonisation, and reduce general stent-related morbidity [38]. However, bacterial 
adhesions were found to be similar in stents with and without hydrogel-based coat-
ings [39].

A multi-stage approach of sterilisation following Bigger was proposed by Lewis 
to eradicate persisters in biofilms [40]. It was proposed to kill bacterial cells with a 
high initial dose of an antibiotic. The concentration of the antibiotic would then 
decrease to enable persisters to resuscitate and start to grow. If a second dose of 
antibiotic was then administered shortly after persisters had started to grow, a com-
plete sterilization might have been achieved. While it was suggested for systemic 
pharmaceutical/biopharma treatment of biofilms, a similar approach can be adopted 
in coating designs using antiseptics/antimicrobials [41, 42]. Once attached to the 
surface, an antimicrobial molecule is immobilized and is unable to reach and kill the 
pathogen. Long, flexible polymeric chain linkers are needed to covalently anchor 
these antimicrobials to the surface of a material.

5 � A Dynamically Degradable Surface

The coatings mentioned in the previous section are essentially ‘static’ means they 
degrade at a very slow rate. This allows sufficient time for the formation of the con-
ditioning film and microbial attachment. In fact, micro-organisms are ‘intelligent’ 
to find mechanisms to colonise any abiotic surface that allows sufficient time to do 
so. This is because a ‘static’ surface offers to incoming molecules and microbes a 
relatively low-entropy boundary that eventually leads to a lowering of free energy 
for molecules and microbes to attach. If this ‘static’ condition of the coating surface 
could be replaced with a coating that is degrading at a constant or a variable speed, 
a relatively higher entropy condition can be created that would ‘delay’ the attach-
ment of molecules and cells to the surface. This is analogous to a ‘pulling the rug 
from under somebody’s feet’. It would delay the formation of the conditioning 
films, and in turn delay the bacterial adhesion by constantly ‘fooling’ away bacteria 
from landing on a ‘low-entropy’ surface.

Biodegradation means that coatings do not have a static surface on which 
microbes can colonise to lead towards biofilm formation. The coating can be 
designed to suit the specific ecosystem in which it would have to prevent biofouling 
and its degradation rate tuned to suit the time it takes to form the conditioning film 
or the first few layers of microorganism colonisation.

Obviously, such a coating has to be degradable i.e. it would decay, corrode, erode 
or peel in response to its environment. The coating can also be multilayers or func-
tionally graded to tune the degradation. Furthermore, the coating can itself be anti-
microbial or can be loaded with antimicrobial, antiadhesive or cell-polarising agents. 
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A simple coating of electrically polar fluoropolymer (pyro and piezoelectric) can 
reduce encrustation significantly through mediating electrostatic interactions [7–9]. 
Biodegradable molecular crystals show very strong antimicrobial effects which can 
be engineered for sterilisation for clinical applications [43]. Polycationic or polyan-
ionic surface offered by such polar molecular crystals can either cause cellular lysis 
or repulsion, respectively. Electrically polar biomolecules such as amino acids (e.g. 
glycine, cysteine), their derivatives (e.g. triglycine sulfate TGS), metabolites (e.g. 
peptide nanotubes) or enzymes (e.g. lysozyme) have also demonstrated very high 
electrically polar properties [10–14] which makes them responsive to changes 
in local environment such as pressure and temperature. Electrically polarised fluo-
ropolymer, polyvinylidene difluoride (PVDF) stent has demonstrated 40% increase 
inhibition of calcification (oxalate and hydroxyapatite) after 30  days patency in 
ASME standard artificial urine in comparison to commercial polyurethane, unpoled 
PVDF, heparin coated polyurethane and hydrogel coated polyurethane. The use of 
an electrically polar, molecular crystals in the coating can produce a ‘dynamic’ sur-
face that can combine biocompatibility with electro negativity and functional grad-
ing to reduce biofouling of ureteral stents. Biodegradable and functionally gradable 
polymers can also be used to create the ‘dynamic’ surface. Metallic materials such 
as magnesium and zinc-based coatings are also possible.

6 � Conclusions

Biofouling complicates and compromises indwelling of ureteral stents. It causes 
patient discomfort, infection and trauma and its removal is expensive. Commercially 
available stents uses anti-fouling coatings with variable successes. These coatings 
are static and inadequate in resisting bacterial colonization that eventually leads to 
encrustation. In this chapter we introduced the concept of a dynamic surface which 
may be successful in ‘fooling’ bacteria due to constant degradation of the surface 
during indwelling. The concept is new and currently being experimented at the 
authors’ group. It offers to use biodegradable, electrically polar molecular crystals 
as the anti-fouling coating, which can be functionally graded to tune the biodegra-
dation and anti-encrustation effect.
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