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Abstract
Since the 1950s, X-ray crystallography has been the mainstay of structural biology, providing
detailed atomic-level structures that continue to revolutionize our understanding of protein
function. From recent advances in this discipline, a picture has emerged of intimate and specific
interactions between lipids and proteins that has driven renewed interest in the structure of lipids
themselves and raised intriguing questions as to the specificity and stoichiometry in lipid–protein
complexes. Herein we demonstrate some of the limitations of crystallography in resolving critical
structural features of ligated lipids and thus determining how these motifs impact protein binding.
As a consequence, mass spectrometry must play an important and complementary role in
unraveling the complexities of lipid–protein interactions. We evaluate recent advances and
highlight ongoing challenges towards the twin goals of (1) complete structure elucidation of low,
abundant, and structurally diverse lipids by mass spectrometry alone, and (2) assignment of
stoichiometry and specificity of lipid interactions within protein complexes.
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Lipid–Protein Interactions

Proteins and lipids, both integral for the function of all
biological systems, are chemically distinct. A protein’s

three-dimensional structure and ultimately its function are
defined by peptide-bonded amino acids and subsequent post-
translational modifications. In contrast, lipids are smaller
molecules than proteins, but have a larger array of building
blocks and linkage chemistries. Because of these inherent
chemical differences, the optimal tools for de novo structural
characterization differ between proteins and lipids.

Lipid–protein interactions are critical for maintaining
biological function in the membrane bilayer, the cytosol,
and extracellular space. In the membrane, the chemical
structures of lipid solvent molecules are important for the
correct folding, insertion, structure, and function of mem-
brane proteins. The interactions between enzymes and their
respective lipid substrates are critical for correct substrate
recognition and catalysis (e.g., lipoxygenase [1]). Addition-
ally, lipid–protein interactions are increasingly being real-
ized as important in maintaining cellular structure (e.g.,
cytoskeletal anchoring [2]), scaffolding and localization of
multi-subunit protein complexes (e.g., associated kinase
anchoring protein complexes [3]), and as second messengers
in signal transduction (e.g., protein kinase C [4]).
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Structural characterization of lipid–protein interactions has
focused primarily on the protein domains that interact with
lipids [5]. Accurate chemical and structural knowledge about
the lipid partner(s) is often limited; they are often treated as
generic amphipathic molecules, and experimentally replaced
with detergents or generic lipids. In contrast, characterization of
lipid-binding proteins by biochemical and structural methods
has revealed substantial knowledge about the protein sequen-
ces and structural folds involved in lipid–protein interactions.

Lipid–protein interactions display a wide range of specific-
ities, from the largely nonspecific shell of lipids surrounding a
membrane protein to highly specific interactions involved in
substrate recognition, signal transduction, and membrane
targeting. The most well-characterized lipid-binding domains
recognize the head-group of phosphatidylinositol (PI), specif-
ically the phosphorylation state of the head-group. For
example, the FYVE domains appear to bind preferentially to
PI3P [6], while PH domains can recognize PI(3,4)P2, PI(4,5)
P2, and/or PI(3,4,5)P3, depending on the protein sequence [5].
In contrast, BAR domains are relatively nonspecific and
recognize general physical properties of the membrane (e.g.,
charge and curvature). At the other end of the spectrum, the
steroidal factor SF-1 primarily recognizes the acyl chains of
phospholipids, with selectivity for both chain length, degree of
unsaturation of each acyl chain [7]. A lipid-binding protein
may utilize multiple lipid-binding domains and/or membrane
penetration to increase affinity and specificity for targets [5].
Multidomain, multivalent interactions can include a domain
with nonspecific membrane recognition combined with a
highly specific targeting domain, generating a complex with
tuned membrane affinity.

Structural Specificity of Interactions Between
Lipids and Cytochrome c Oxidase

Cytochrome c Oxidase (CcO) is a well-studied membrane
protein in which structural studies have been substantially
complemented by mass spectrometry. Structural and evolu-
tionary conservation indicates that lipid-CcO interactions
have survived evolution together. Comparison between the
crystal structures of bovine CcO and bacterial CcO identified
remarkable similarities in lipid binding. When structures of
subunits I-II of the catalytic core of CcO from the bacterium
Rhodobacter sphaeroids [8] and Paracoccus dentrificans [9]
are overlaid with subunits I-II of bovine CcO [10], the alkyl
chains of detergents in the bacterial CcO correspond with the
positions of acyl chains of the phospholipids in the bovine
CcO (Figure 1a, b). Evolutionary analysis of this lipid-
binding site in subunits I-II demonstrated striking conserva-
tion, confirming the biological importance and co-evolution
of this site [11].

Combining atomic level structural analysis with numer-
ous enzymatic, chromatographic, and mass spectrometric
techniques has further defined the selectivity of CcO–lipid
interactions [10]. In this study, a remarkable observation was
made; although phosphatidylglycerol (PG) molecules con-

taining n-9 double bonds are abundant in bovine heart
mitochondrial membranes, bovine CcO subunit III selects
almost exclusively for PG containing the n-7 double bond.
To come to this conclusion, X-ray crystallography was
combined with concurrent chemical analysis of all lipids
bound to the protein in the crystals. Tenacious lipid analysis
identified not only the class and acyl chains of bound lipids,
but also identified the double bond position(s) and the sn-
position (i.e., relative position of acyl chains on the glycerol
backbone) in each lipid as well as the double bond
stereochemistry of PG. Analysis of PG bound to the CcO
crystals, compared with lipids of the respective membrane
fraction, indicated that CcO subunit III is selective for both

Figure 1. Conserved lipid-binding pockets of cytochrome c
oxidase (CcO). Bovine heart mitochondrial CcO (PDB
ID:2DYR) is represented as a surface, colored by relative
electrostatic potential, with helixes rendered as brown
cartoons. (a) Phosphatidylcholine (PC) binding pocket of
bovine CcO core subunit I bound to PC, compared with
ligands found in bacterial CcO structures; LDAO in PdCcO
(PDB ID: 1AR1) and decyl maltoside in RsCcO (PDB ID:
2GSM). Both LDAO and decyl maltoside as well as one acyl
chain from PC all fill the same conserved pocket in respective
CcO structures. Evolutionarily conserved acyl/alkyl-binding
side chains are shown in grey. (b) Chemical structures of
bound CcO subunit I ligands. Structures are color-coded
corresponding to colors in (a); (c) and (d) two representations
of a conserved pocket in CcO subunit III, demonstrating the
uncommon n-7 double bond (red) of bound phosphatidylgly-
cerol (PG) lipid determined by mass-spectrometry; (e)
chemical structure of PG 16:0/18:1 (n-7)
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the stereochemistry (cis versus trans) and double bond
position (n-7 versus n-9) in the 18:1 fatty acid of PG
(Figure 1c–e). This rigorous approach to lipid structure
elucidation is analogous to “bottom-up” proteomics, where
the molecules are selectively broken down into their
components prior to analysis and the data pieced back
together to determine the original molecular structure. While
bottom-up lipidomics provides significantly greater structur-
al detail, it also requires substantially larger quantities of
sample to allow for the multiple stages of sample prepara-
tion, chromatography and mass spectrometry.

Structural Ambiguity of Lipids in X-ray Crystal
Structures

The importance of lipid structure has also been demonstrated
for lipid–protein interactions outside of the membrane.
Multiple X-ray crystal structures of the transcription factor
SF-1 have been solved in complex with unknown phospho-
lipids [7, 12, 13]. SF-1 demonstrates an interaction with a
high dependence on the chemical structure of the lipid.
Biochemical analysis indicates that lipid binding is only
partially dependent on lipid head group class, while highly
dependent on the chemical structure of the lipid acyl chains
(e.g., length, degree of unsaturation and double bond
position). The importance of acyl chain structure in SF-1
lipid–protein interactions is confirmed by structural analysis
of the phospholipid-binding pocket, which is relatively
inflexible and contacts primarily the acyl chains of the
bound phospholipid. Even though the structures were solved
with a variety of lipid classes, including phosphatidyletha-
nolamine (PE), phosphatidylcholine (PC), and phosphatidyl-
gycerol (PG), the acyl chains occupy virtually identical
positions in all structures. All four structures feature ligands
containing a 16-carbon acyl chain at the sn-2 position and
two structures feature an unsaturated sn-2 acyl chain with
the double bond located at the n-7 position.

SF-1 exemplifies the challenge of using X-ray crystal-
lography as the primary tool for chemical structural
identification; even high-resolution X-ray data often do not
provide enough information to allow full chemical identifi-
cation of unknown ligands. To demonstrate this point, we
refined a SF-1 structure (PDB ID: 1YP0) with a variety of
sn-2 acyl chain double bond isomers. These X-ray data were
refined with four models containing different PE 16:0/16:1
ligands, of varying double bond positions and stereochem-
istry (n-5 cis, n-7 cis, n-9 cis, or n-7 trans). An unbiased
electron density map of the ligand-binding pocket of SF-1
clearly demonstrates the presence of a bound ligand with the
characteristic shape of a phospholipid (Figure 2b). For each
phospholipid ligand refinement, the final refinement (R and
Rfree) values are noted, where lower values indicate an
improved refinement score (Figure 2d–g). Refinement scores
are the primary statistic of model quality used during model
building, and provide an unbiased readout of model quality
to the crystallographer. For all three cis-double bond cases,

the variation in the double bond position did not provide
substantial differences in refinement scores (Figure 2d–f).
Surprisingly, even refinement of the structure with a trans
double bond at the n-7 position did not incur a drop in the
quality of refinement score (Figure 2g).

This example of SF-1 structural refinement demonstrates
the limitations of lipid structure determination by crystal-
lography. A comprehensive study of published X-ray
structures has highlighted that both lipid disorder and
inadequate refinement limits crystallography in structural
characterization of lipids [14]. Studies combining mass
spectrometry with X-ray crystallography show lipid–protein
interactions are often specific and are important for protein
function, yet comprehensive characterization of lipids is
currently limited.

Krylova et al. observed an [M – H]– anion at m/z 745 by
electrospray ionization mass spectrometry (ESI-MS) analysis
of an extract from SF-1 [7]. This nominal mass data is
consistent with a phosphatidylglycerol with 34 carbons and
two degrees of unsaturation shared by its two associated acyl
chains (i.e., PG 34:2). Accurate mass measurement of this

Figure 2. Demonstration of re-refinement of PDB ID:1YP0
and demonstration of acyl chain structural ambiguity. (a)
Possible structure of bound PE 32:1 phospholipid. Individual
acyl chain lengths, sn-positions, and double bond position
were undetermined; (b) unbiased electron density map
generated using a model missing PE; (c) unbiased electron
density map overlaid on fully saturated 16:0/16:0 ligand from
1YP0 PDB file; (d)–(g) four double bond positional and stereo
isomers of PE 16:0/16:1, overlaid with respective electron
density maps. Refinement scores are shown in red box. The
sn-1 acyl chain is removed for clarity
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ion was not undertaken but could have excluded a number of
commonly observed and nominally isobaric species from
different lipid classes (e.g., PG O-18:1/18:1 (Δm=49 ppm)
or PA 18:1/22:6 (Δm=28 ppm)) [15]. Subsequent collision
induced dissociation (CID) of this ion produced the mass
spectrum shown in Figure 3 [7]. Low energy CID of ionized
phospholipids are increasingly well understood [16, 17] and
the product ions in this spectrum can be used to: (1) assign
the acyl chains as the monounsaturated chains 16:1 (m/z
253) and 18:1 (m/z 281), (2) confirm the PG classification
based on the 74 Da spacing (m/z 491–417), and (3) infer that
the isomer with a 16:1 acyl chain at the sn-2 position is the
most abundant—and perhaps even the exclusive (see later
discussion on backbone regiochemistry)—isomer present in
the extract [18]. Taken together, the low energy CID
spectrum can make the structural assignment of this
phospholipid to PG 18:1/16:1 (where the 16:1 chain is
assigned to the sn-2 position) consistent with the available
crystallographic data.

Studies of CcO and SF-1 demonstrate that specific
information about lipid structure in concert with protein
partners can currently be obtained by mass spectrometry.
The “bottom-up” approach of lipid analysis is rigorous and
can give complete lipid chemical identification; however,
these techniques are immensely time-consuming and have
limited sensitivity because of the need for multiple stages of
purification. In contrast, “top-down” lipidomic approaches
in which all structure elucidation occurs on ionized and

mass-selected lipids inside the mass spectrometer have rapid
throughput and limited sample requirements. However, a
current limitation of such approaches is that key structural
motifs that may play critical roles in defining the specificity
of lipid-protein interactions [19, 20] remain unresolved or
ambiguous. More specifically, “top-down” techniques can-
not readily determine: (1) the position of double bonds
within an acyl chain; (2) the stereochemistry of double
bond(s) (i.e., cis or trans); and (3) the relative position of acyl
chains on the backbone of a complex lipid (i.e., sn-position on a
glycerolipid). Fortunately, lipid mass spectrometry is rapidly
evolving towards overcoming these limitations.

Locating Carbon–Carbon Double Bonds

Identifying the position of carbon-carbon double bond(s) in
unsaturated lipids has challenged analysts for over 50 years,
and this history has recently been reviewed [21]. In the
context of lipid–protein interactions, methods for on-line
analysis within the mass spectrometer itself are ideal as they
harness the sensitivity of the mass spectrometer and even its
mass-selection capabilities for lipid “purification.” In this
context, two distinct approaches are emerging for the
identification of double bond position; namely high energy
or multi-stage CID and on-line chemical derivatization
approaches. Fragmentation of ionized lipids at high collision
energies (91 keV) can bring about extensive dissociation of
complex lipids including diagnostic cleavage of the carbon–
carbon bonds in acyl substituents. It has been known for
some time that such analysis could be used to discern the
position(s) of unsaturation due to preferential chain cleavage
at allylic positions [22]. These original discoveries were
made using sector mass spectrometers, which have now
largely fallen out of favor due to their comparatively poor
compatibility with contemporary ionization approaches such
as ESI and MALDI. Recently, however, the commercializa-
tion of tandem time-of-flight (TOF/TOF) instruments capa-
ble of collision energies at or above 1 keV has rekindled
interest in this kind of analysis. Initial studies of triacylgly-
cerides have demonstrated the principle of detailed structure
elucidation in complex lipids using MALDI-TOF/TOF
technologies [23]. While initial studies were hampered by
the low mass-gating resolution (i.e., typical mass window of
4 Da for mass selection) of TOF/TOF instruments, new
developments suggest that this technical challenge is now
being overcome and it is expected that these technologies
will play a significant role in structural lipidomics [24].
Similar fragmentation behaviors can also be observed in the
low energy regime with multiple stages of mass spectrom-
etry (MSn). This has been carried out on ion-trap mass
spectrometers [25] and more recently in combination with
ion-mobility mass spectrometry to exploit time-aligned
fragmentation and thus improve overall sensitivity [26].
One disadvantage of both high energy CID and multi-stage
approaches is that they lead to extensive but untargeted
dissociation of the lipid acyl chains such that the precursor

Figure 3. The collision induced dissociation mass spectrum
of the [M – H]– ion of PG 34:2 obtained by Krylova et al.
Product ions uniquely identify this phospholipid as a phos-
phatidylglycerol with both 16:1 and 18:1 acyl chains as
indicated by the bond cleavages shown in blue. The position
and stereochemistry of the double bonds within each acyl
chain (indicated in red) cannot be determined from these
data. Adapted with permission from Reference [7]
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ion signal is distributed over a large number of product ions:
only a few of which are structurally diagnostic.

Alternative strategies for double bond position elucida-
tion have thus emerged that incorporate more selective
dissociation at the double bond by exploiting gas phase ion–
molecule reactions [27, 28]. One such approach is ozone-
induced dissociation (OzID), wherein mass-selected ions are
exposed to ozone in an ion-trap mass spectrometer. In these
experiments, ozone reacts selectively with the carbon–
carbon double bonds in unsaturated lipids giving rise to
two diagnostic product ions for each double bond. An
example of an OzID spectrum obtained from the [M+H]+

ion of PG 16:0-18:1(9Z) (where the dash between 18:1 and
16:0 indicates the sn-position is not specified) is shown in
Figure 4a, and these data uniquely identify the n-9 position
of the double bond within the acyl chain. OzID product ions
can be predicted and thus double bond positions can be
confidently assigned without reference to standard com-
pounds [29]. This, combined with the fact that the analysis is
undertaken on mass-selected ions without the need for prior
fractionation and can be achieved with low sample volumes
[30] suggests that it is ideally suited to the structural
interrogation of lipids involved in protein binding.

Assigning Backbone Regiochemistry

For glycerolipids, the relative position of acyl chain
substituents on the backbone also gives rise to isomeric
variation which, as highlighted in the examples above, plays
a significant role in protein binding. Observations of differ-
ences in the CID spectra of regioisomeric phospholipid
anions have been reported for some time [31]. In particular,
the abundance of product ions arising from the neutral loss
of fatty acyl substituents can be used as an indicator of the
relative backbone positions of the two acyl moieties. For
example, the ions at m/z 509 and 481 in Figure 3 correspond
to neutral losses of (16:1 – H2O) and (18:1 – H2O),
respectively, and the greater relative abundance of the
former is a strong indicator of its position at sn-2 on the
glycerol backbone. These trends are not universal as the
unimolecular dissociation of phospholipid anions can be
influenced by phospholipid class, collision energy, and
instrument geometry [32]. Additionally, given the reliance
on ion abundances the presence of both isomers in differing
ratios cannot be rigorously excluded. Even comparisons to
synthetic standards can be challenging due to the regioim-
purity of some of these formulations arising from trans-
acylation during preparation. Ekroos and co-workers
undertook a careful analysis of the phosphatidylcholine
regioisomers and compared negative ion CID data with the
results of the phospholipase A2 assay, which employs an
enzyme to selectively hydrolyze the fatty acyl substituent at
sn-2 [33]. This study showed that with careful calibration,
the relative proportions of the two sn-positional isomers
could be established from CID ion abundances and
importantly revealed that both synthetic and biologically

derived lipids were present as mixtures of both regioisomers.
Rather than relying on ion abundances, however, a method
that gives rise to unique product ions for each positional
isomer would be desirable. Preliminary data suggest that
combining CID with OzID may provide such a method [34,
35]. For example, CID of the [M+Na]+ adduct ion of PG
34:1 gives rise to an abundant product ion at m/z 599
corresponding to the neutral loss of the phosphoglycerol
headgroup. Prior mechanistic studies suggest that such ions
arise from nucleophilic substitution driven by the ester
moiety of the sn-2 acyl chain [17]. The putative structure of
this product ion is supported by subsequent isolation of m/z

Figure 4. (a) The OzID mass spectrum of the [M+H]+ ions of
PG 16:0-18:1(9Z) obtained on a modified linear ion-trap mass
spectrometer. Product ions at m/z 661 and 677 arise from
chemically induced dissociation of the carbon–carbon dou-
ble bond present on the 18:1 acyl chain and uniquely identify
the n-9 location of these bonds within the chain. (b) The CID-
OzID mass spectrum (formally an MS3 experiment) arising
from isolation of the m/z 599 product ion in the presence of
ozone. Pairs of product ions at m/z 379/395 and m/z 405/421
reveal the presence of both sn-positional isomers, PG 16:0/
18:1 and PG 18:1/16:0, in the sample [28]
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599 in the presence of ozone that shows facile cleavage of
the new carbon–carbon double bond and, thus, neutral loss
of the sn-2 substituent (Figure 4b). The presence of two pairs
of product ions, m/z 379 and 395 and m/z 405 and 421,
corresponding to neutral losses of 18:1 and 16:1 moieties,
respectively, can thus be used as evidence for the presence
of two regioisomers, namely the major component of PG
16:0/18:1 and PG 18:1/16:0 as the minor isomer. Further
work needs to be undertaken to establish the overall
robustness and breadth of applicability of this approach.

Double Bond Stereochemistry

While most carbon–carbon double bonds in biologically
derived lipids have Z (cis) stereochemistry, substantial levels
of E (trans) isomers are often found in ruminant animals due
to biohydrogenation by rumen bacteria. There is significant
interest in the physiological impact of increases in dietary
intake of trans fatty acids, primarily related to its correlation
with increased LDL cholesterol and heart disease [36]. Not
surprisingly, the gross geometric differences between iso-
meric lipids with cis and trans double bonds have a
significant impact on molecular structure and, thus, their
biophysical and biochemical properties. For example, Rauch
et al. showed that the configuration of the double bond
in PE 16:0/18:1 was a critical determinant of its recognition
as a protein-presented antigen for T cells [37]. Despite its
recognized importance, the ability to rapidly establish
double bond stereochemistry in complex lipids presents a
significant analytical challenge. Gas-chromatography (GC)
of fatty acid derivatives can easily resolve and, thus, with
reference to standard compounds, identify stereoisomers
[38]. The application of GC to analysis of complex lipids
requires rigorous fractionation of the intact lipid followed
by saponification, derivatization, and subsequent chroma-
tography. This strategy was a part of the “bottom-up”
approach (described above) carried out by Shinzawa-Itoh
et al., who were thus able to unambiguously assign the
cis-stereochemistry of PG 18:0/18:1(11Z) bound to bovine
heart cytochrome c oxidase [10]. Such a multidimensional
fractionation approach is extremely challenging and
requires significant quantities of the lipid to be isolated.
We have recently noted that ionized phospholipids bearing
a trans double bond react with ozone at a greater rate than
the corresponding cis-variants. This gives rise to greater
peak intensities in the OzID spectra of trans versus cis
lipids under the same experimental conditions [30]. While
this has the advantage of allowing the analysis of a mass-
selected and intact phospholipid, the characterization of
the stereochemistry of an unknown lipid would require
careful comparison to related standards, of which very few
are readily available.

Conceptually, ion-mobility mass spectrometry may pres-
ent a useful approach to differentiating isomeric lipids.
Indeed, for other classes of molecules, separation of isomers,
including chiral discrimination, has been previously demon-

strated [39, 40]. Recent studies of complex lipids using
conventional drift tube ion-mobility indicate that mobility is
most strongly correlated with mass and thus tends to
separate lipids based on class rather than isomeric variations
[40, 41]. Shvartsburg et al. have shown, however, that
differential ion-mobility is capable of resolving sn-positional
isomers in diacylglycerols, which augurs well for the future
discrimination of other types of lipid isomers [42]. With the
commercial release of a number of different ion-mobility
technologies [43, 44] further investigations of their capabil-
ities in differentiating isomeric lipids will no doubt be
undertaken. If cis and trans isomers could be rapidly
distinguished by such approaches, this would represent a
significant advance and provide insight not currently
available from conventional tandem mass spectrometry.

Evaluation of Lipid–Protein
Interactions
Many techniques to define lipid–protein interactions have
been developed, each with its limitations [45, 46]. Lipid–
protein overlay assays, where a membrane-bound array of
lipids is probed with a protein of interest, are useful for some
high affinity interactions, although the linkage of the lipid to
the membrane and antibody-dependent readouts of protein
binding are experimentally challenging. Surface plasmon
resonance has shown promise in investigation of lipid–
protein interactions, though chip-linkage chemistries and the
lack of orthogonal controls limits versatility. Spin-labeled
electron paramagnetic resonance (EPR) spectroscopy has
proven to be a versatile technique for analysis of membrane
lipids, and can reveal protein/lipid ratio, the stoichiometry of
annular lipids, and information about the selectivity of lipid
protein interactions [47]. EPR, however, is based on an
average picture of interactions and, therefore, cannot detect
heterogeneous speciation. Fluorescent labeling of lipids and/
or membrane-bound proteins have also yielded important
information, especially about the dynamics of membrane
systems, but are dependent on fluorescent labeling of at least
one of the interaction partners. Fluorescence resonance
energy transfer (FRET) is useful to probe both binding
interactions and as a molecular “ruler,” but again requires
fluorescent labeling. Arguably, one of the most important
tools in recent years for studying lipid–protein interactions
has been mass spectrometry. Recent technology improve-
ments, especially in soft ionization sources and, methods for
studying noncovalent interactions, has placed mass spec-
trometry on the leading edge in probing the interactions
between lipids and proteins and thus how structure informs
about function.

Mass Spectrometry for Direct Interrogation
of Lipid–Protein Interactions

For some years now, ESI (and in particular nano-ESI) mass
spectrometry has been successfully employed to study the
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specificity and stoichiometry of complex protein–protein
and other ligand–protein interactions [48]. To a much lesser
extent, this same approach has been deployed to study lipid–
protein interactions. In the case of SF-1, its affinity for a
range of different phospholipids was explored by treating the
protein with liposomes of different constitution and moni-
toring the abundance of the resulting adducts by ESI mass
spectrometry [7]. More recently, Klassen and coworkers
demonstrated that stable complexes between bovine β-
lactoglobulin and different fatty acids could be formed by
nano-electrospray ionization [49]. In this study, in-source
dissociation of the delicate complexes was minimized by the
addition of a high concentration of imidazole to the electro-
spray solution. Pleasingly, the binding constants extracted
from the relative ion abundances of free and bound protein
showed good agreement with traditional fluorescence-based
assays. Examples such as these are, however, relatively rare.
Indeed, even assemblies of membrane proteins themselves
are challenging to characterize by ESI mass spectrometry
because of their inherently poor solubility in ESI-compatible
buffers and their susceptibility to in-source dissociation.
Such difficulties can be circumvented with high surfactant
concentrations that can preserve protein–protein interactions,
but these conditions play havoc with ionization efficiency
and give rise to large detergent aggregates. The approach
taken by Robinson and coworkers has been to solubilize
membrane protein-assemblies in high concentrations of non-
ionic detergents (e.g., n-dodecyl-β-D-maltoside) that also
serve to protect the complex during ESI and can be
subsequently striped away inside the mass spectrometer to
reveal the native ensemble [50, 51]. Importantly, when
combined with careful preparation of the sample, the
presence of native lipids within protein assemblies can be
preserved. This has been elegantly demonstrated in the
characterization of the bound lipids and their stoichiometry
in two intact rotary adenosine triphosphate synthases
(ATPases) from the bacteria Thermus thermophilus (Tt) and
Enterococcus hirae [52]. In both instances, the intact protein
assembly was observed by ESI mass spectrometry with
dissociation revealing interactions of subunits with specific
lipids. For example, six phosphatidylethanolamines—indepen-
dently identified as PE 16:0/16:1—were found to be associated
with the L12 trans-membrane channel of the TtATPase.
Tandem mass spectrometry of a subcomplex containing the
L12 ring assembly revealed dissociated L subunits both with
and without PE bound thus providing a vital clue as to the
packing of lipids and proteins in this domain (Figure 5).
Importantly, the specific lipids bound within each assembly
were found to be the same even when different detergents were
used in their preparation and, furthermore, the lipids incorpo-
rated were not the most prevalent in the cellular lipidome of the
respective organisms, thus suggesting a specific structural role
in tuning subunit interactions.

In parallel, Brutschy and coworkers have developed a
novel alternative approach for the volatilization and ioniza-
tion of biomolecular assemblies [53]. In laser-induced liquid

bead ion desorption (LILBID), molecular targets are laser-
desorbed from droplets of solution containing the analyte in
an essentially native environment. With no requirement for a
high electric potential, LILBID is extremely tolerant of
buffers, salts, and detergents and, indeed, in a recent
application it was used to elucidate the changing stoichio-
metries of the transmembrane protein pump proteorhodopsin
in the presence of different surfactants [54]. The softness of
this desorption method has considerable potential for the
detection of intact complexes involving weak hydrophobic
bonding similar to that in many lipid–protein interactions.
Conversely, the softness of the method results in ions that
are often still protected by a layer of solvent, buffer, or
surfactant molecules and, thus, peak broadening can hamper
the determination of exact masses and, thus, stoichiometry
within the complex [55]. Nevertheless, the LILBID approach
appears complementary to the capabilities of ESI and both
are likely to play a significant role in further unraveling the
stoichiometry and specificity of lipid–protein interactions.

Finally, the ability of desorption electrospray ionization
(DESI) mass spectrometry to detect large proteins and protein
complexes directly from solutions [56]—so-called “liquid
sample DESI” [57]—has recently been demonstrated. While
for the most part, the examples provided are soluble proteins
(e.g., superoxide dismutase and hemoglobin), the authors point
out that this configuration has added flexibility in that solvent
systems can be separately tailored for both the analyte and the
ionizing spray [56]. Such a configuration may surmount some
of the challenges in ESI, where the solvent system often

Figure 5. Tandem mass spectrum of a subcomplex from
TtATPase (present in charge states 34+ and 35+) leads to
disruption of the L12 ring and the observation of both free L
proteins (shown as red circles) as well as proteins bound to
PE 16:0/16:1 (shown as red and green circles). Reproduced
with permission from Reference [52]
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represents a compromise between solubilizing the protein
complex, preserving native interactions and maintaining a
stable electrospray. Liquid DESI may thus provide an
alternative tool for investigating lipid–protein interactions.

Future Outlook
Shevchenko has likened proteins and lipids to the knights
and armies of the middle ages noting that “Knights are more
visible. It’s easier to write poetry about them, but in the end
it’s the army that wins, the collective of individuals” [58].
This metaphor captures the emerging picture of a specific
and synergistic interplay between proteins and lipids in
biology and highlights the significance of understanding the
interactions between these two molecular classes. As we
have illustrated, however, deriving this understanding
challenges the classical tools of structural biology and
demands new approaches.

Mass spectrometry is uniquely positioned to provide new
insight into both the diversity of lipid molecular structure
and the specificity of lipid–protein interactions. Examples
provided herein suggest that a future in which detailed
structure elucidation of lipids can be undertaken by mass
spectrometry alone is not far away. Increased dissemination
of such capabilities will ensure that such analyses are
routinely undertaken even on the diminishingly small
quantities of lipid recovered from proteins. The explicit,
rather than assumed, assignment of subtle structural features
provided by these new technologies (e.g., double bond
position, sn-position, and stereochemistry) will become an
essential complement to traditional crystallographic
approaches and will go some way to rationalizing the
surprising diversity of lipid molecular structures present in
nature. In contrast, the direct application of mass spectrom-
etry to the study of lipid–protein binding presents a greater
technical challenge. Recent advances in the application of
both traditional (e.g., nanoESI) and novel desorption-
ionization approaches (e.g., LILBID) to this problem,
however, suggest there is also a key, complementary role
for mass spectrometry in this corner of structural biology.
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